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Abstract 

Fish species with complex life cycles, extensive migrations, or broad distributional ranges, 

such as the American eel, Anguilla rostrata, commonly have poorly understood ecologies 

because of a lack of information about their ambient environment. Stable isotopes of otoliths 

offer lifelong records of ambient conditions and life history, making them a promising tissue for 

ecological studies. However, unexplained variation in 1ɻ8O geothermometers among fish 

species has necessitated use of species-specific geothermometers, thus limiting the tool’s broad 

utility. Furthermore, interpretations of ɻ13C of otoliths are complicated by multiple driving 

factors (e.g., diet, DIC) and disputes over the possible influence of metabolic rate on both 

isotopes.  

In this thesis, I used three controlled laboratory experiments to isolate and examine: (1) 

the relationship between temperature and ɻ18O of otoliths, (2) the relative contribution of diet 

versus DIC to ɻ13C of otoliths, and (3) metabolic rate influences 1ɻ3C and ɻ18O. In experiment 1, I 

developed an eel-specific ɻ 18O fractionation equation (geothermometer); the slope was 

shallower than equations for other species. In experiment 2, otoliths reflected the full 1ɻ3C 

range of four isotopically distinct diets, regardless of diet quality. Mixing models showed diet 

contributed ~50% of total ɻ13C to otoliths. In experiment 3, I used the novel approach of 

manipulating swimming activity to induce a gradient of metabolic rates. The results showed no 

relationship between metabolic rate and ɻ13C. I propose that temperature may explain the 

apparent connection between metabolic rate and 1ɻ3C.  

Finally, I applied the laboratory findings to an ecological study of stocked American eels in 

the St. Lawrence River. The 1ɻ8O of eel otoliths could be used to estimate water temperature 
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within 0.4oC of their habitat. I used ɻ13C to determine habitat use after stocking and found that 

eels change habitat once they reach a specific age and size. Collectively, my thesis integrates 

three long-term laboratory experiments and 6 years of field data to elucidate the role of 

temperature, diet, and metabolic rate on the oxygen and carbon isotope compositions of 

otoliths with implications for future ecology studies of species with complex life histories.   
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Epigraph 

 

Thousands passed the lighthouse that night, on the first lap of a far sea journey τ all the silver eels, in 

fact, that the marsh contained. And as they passed through the surf and out to sea, so also they passed 

from human sight and almost from human knowledge.  

τRachel Carson, мфпмΣ ά¦ƴŘŜǊ ǘƘŜ {Ŝŀ-²ƛƴŘέ 
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Chapter 1 

General Introduction 

Knowledge of the ambient environmental conditions experienced by organisms is 

fundamental to understanding their basic ecology. Accurate measures of environmental 

conditions for individuals of declining species can also inform predictions about their tolerance 

and response to future changes so that appropriate action can be taken to mitigate those 

declines. However, comprehensive measurements of ambient environment are difficult to 

obtain for organisms that move through different habitats during their lives. In particular, fish 

species with complex life cycles, extensive migrations, or broad distributional ranges are 

commonly poorly understood due to a lack of information about their ambient environment. 

The difficulty involved in tracking many organisms over a long enough temporal scale to 

understand long-term trends has resulted in a need for accurate tools to help elucidate these 

complex ecological histories.  

Oxygen isotopes as geothermometers  

Ambient temperature is central to the control and regulation of the physiology and 

behaviour of ectotherms, but accurately measuring the thermal experience of non-stationary 

animals can pose a considerable challenge for biologists, as these animals are exposed to many 

different environments throughout their life. Animals that secrete calcium carbonate (e.g. in 

the form of shells), however, have built-in thermometers that can be used to reconstruct their 

thermal experience. Harold Urey (1947) was the first to discover that oxygen isotope ratios of 

calcium carbonate can be used as a geothermometer. Calcium carbonate is precipitated in 
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isotopic equilibrium with ambient water. However, the heavy isotope (18O) requires slightly 

more energy to break its bond than the light isotope (16O). Consequently, temperature causes a 

predictable partitioning of heavier and lighter isotopes (fractionation) between calcium 

carbonate and water. The temperature-dependence of this fractionation, calibrated using the 

calcite shells of mollusks (Epstein et al., 1951), is so sensitive that the difference in ɻ18O of 

calcium carbonate and water can be used to reconstruct the ambient temperature at the time 

the carbonate was formed. This method was first applied to reconstruct paleotemperatures 

using a 150-million-year-old belemnite fossil (Urey et al., 1951), and Devereaux (1967) was the 

first to apply it to 1ɻ8O of fish otoliths. Like mollusk shells, otoliths are calcium carbonate 

structures; however, while mollusk shells are calcite, otoliths are mainly composed of a 

different calcium carbonate polymorph, aragonite, and so their fractionation is slightly 

different. Nevertheless, the method took off and over the past 50 years has been used many 

times in a wide range of fish species to reconstruct the thermal history of individuals (Degens et 

al., 1969; Radtke et al., 1987; Kalish, 1991; Patterson et al., 1993; Thorrold et al., 1997; Høie et 

al., 2004; Storm-Suke et al., 2007).    

The broad application of biogenic geothermometers was called into question, however, 

when Urey et al. (1951) proposed the idea that biological processes could override the 

environmental signals recorded in the ɻ 18O of carbonate. Even recently, small differences in 

oxygen isotope fractionation were found between inorganic calcite and biogenically-formed 

calcite (Kim and O’Neil, 1997; Coplen, 2007; Watkins et al., 2015). Mollusks, which were used to 

calibrate the geothermometer method, consistently precipitate their carbonate shells in oxygen 
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isotopic equilibrium with ambient water (Leng and Lewis, 2016); however, this is not the case 

for all organisms. In rare cases, organisms (e.g. corals and foraminifera) may precipitate 

carbonate out of oxygen isotopic equilibrium with ambient water, a phenomenon branded as 

vital effects (McConnaughey, 1989; Sharp, 2017). Over time, “vital effects” has become a catch-

all term to explain any deviation from expected isotopic equilibrium.  

The discovery of vital effects generated the idea that metabolism might affect the 

accuracy of biogenic geothermometers. Indeed, the oxygen isotope geothermometers 

calibrated for various fish species over the past several decades reveal small differences, mainly 

in the form of different intercepts when plotting the fractionation between otoliths and water 

versus temperature. These differences emphasize the need for species-specific 

geothermometers for fish otoliths (Kalish, 1991; Thorrold et al., 1997; Høie et al., 2004; Storm-

Suke et al., 2007), as well as additional studies to understand the factors that cause fish otoliths 

to deviate from expected isotopic equilibrium.   

Carbon isotope signals  

A half century has passed since the first isotope measurements of a fish otolith, yet major 

gaps still exist in understanding how carbon isotopes are incorporated into otoliths. In inorganic 

marine carbonates, precipitation is straightforward: carbonate precipitates in near equilibrium 

with 1ɻ3C of dissolved inorganic carbon (DIC) in the water. Most biogenic carbonates, however, 

deposit carbon isotopes out of equilibrium with DIC, and the factors that drive this 

disequilibrium are not well understood. Some studies have found a significant relationship 

between ɻ 13C of otoliths and diet (Radtke et al., 1996; Elsdon et al., 2010). Others have 
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concluded that ɻ13C of otoliths is primarily derived from DIC (Kalish, 1991b; Weidman and 

Milner, 2000; Høie et al., 2003; Solomon et al., 2006; Tohse and Mugiya, 2008), and more 

recent studies have found that metabolic rate, or swimming activity, has an effect on ɻ13C 

(Sherwood and Rose, 2003; Dufour et al., 2007; Chung et al., 2019a). While these factors are 

not mutually exclusive, the extent to which each contributes to the ɻ 13C of otoliths remains 

unknown, which limits the utility of ɻ13C of otoliths and leaves a considerable amount of 

unexplained “noise” in ɻ 13C data.  

Since metabolic rate is difficult to measure in the natural environment and also difficult to 

control in a laboratory, most evidence of a relationship between 1ɻ3C and metabolic rate has 

been tested using proxies, such as life history factors that relate to changes in metabolic rate. 

For example, ontogenetic trends in ɻ13C of otoliths are observed in a number of fish species 

(e.g., Schwarcz et al., 1998; Weidman and Milner, 2000; Jamieson et al., 2004; Dufour et al., 

2008): younger fish commonly have lower ɻ 13C and higher metabolic rates than older fish 

(Kalish, 1991b). Otoliths provide a longer-term record of ɻ 13C than other tissues, such as 

muscle, making them a promising tissue for ecological studies. Yet, the difficulty in 

disentangling the proportion of ɻ 13C derived from diet versus that derived from DIC, and the 

suggestion that metabolic rate may also influence ɻ13C of otoliths, continues to make 

interpretations of ɻ 13C of otoliths uncertain.  

Applications of stable isotopes to study the ecology of fish species with complex 

life histories 

Stable isotopes of carbon and oxygen of fish otoliths can be used to elucidate information 

about ambient environment and life history. Ambient temperature reconstructions using ɻ18O 
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of otoliths reflect individual experience; temperature is important to document because it is a 

major factor controlling metabolic rate and growth of fish, particularly in early life stages (Fry, 

1971; Panfili et al., 1994). For example, records of experienced temperature can be compared 

to the temperature requirements of a species to predict thermal tolerance in relation to future 

climate change. Historical archived otoliths may also offer insight into past environment 

conditions; they provide important environmental baselines for detecting changes in conditions 

that may be contributing to the decline of a species. Interpretation of stable carbon isotopes of 

otoliths still requires refinement, but more definitive inferences from any one of the proposed 

driving factors (diet, DIC, metabolic rate) will greatly enhance future ecological studies. Diet and 

prey availability are critically important in understanding and predicting changes in species 

abundance because diet influences growth rate, potential maximum size, quality of 

reproductive organs, survival, and ability to migrate. When long-term trends are examined, 

stable carbon isotopes can provide a dietary archive over long time periods and yield insight 

into possible food web shifts. Otolith records of ɻ 13C derived from DIC can be used in isotope 

tracing studies to identify habitat use since DIC can reflect the geochemistry of water from 

different locations. Although metabolic rate is a plausible factor influencing ɻ 13C of otoliths, 

uncertainty about its contribution has plagued interpretations of diet and DIC for decades.  

The American eel Anguilla rostrata is an ideal example of a species that may benefit from 

the use of stable isotopes to understand its ecology. Eels have a complex life cycle, a wide 

distributional range involving the use of several habitats, and large variation in diet across life 

stages (Jacoby et al., 2015). Eels are rapidly declining (Castonguay et al., 1994; Casselman, 
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2003; Casselman et al., 2013), yet major gaps in our understanding of their complex ecology 

have largely prevented us from identifying and mitigating the factors causing their decline. The 

stable isotope compositions of otoliths may be one of the few tools that we have to fill in those 

gaps and draw a clearer picture of their ecology. In this thesis, I use controlled laboratory 

experiments to isolate and measure the variables influencing ɻ 13C and ɻ18O of American eel 

otoliths and then apply the results to an ecological study of stocked eels living in the upper St. 

Lawrence River. The work presented here represents a critical step towards validating and 

optimizing the use of isotopic compositions of otoliths to make accurate inferences regarding 

the basic ecology of species with complex life histories.  

Thesis outline 

In chapter 2, I examine the relationship between water temperature and ɻ18O and ɻ 13C of 

otoliths by rearing American eel elvers in fresh water for 32 weeks in 10 temperature 

treatments ranging from 10 to 34oC. I develop a species-specific geothermometer based on 

otolith–water ɻ 18O fractionation at each temperature. I also provide a method for isolating the 

freshwater portion of an otolith of a catadromous species. Somatic and otolith growth of elvers 

are examined in relation to temperature and I report the optimum temperatures for growth by 

body weight, body length, and otolith weight. This chapter validates the use of otoliths and 

stable isotopes as an accurate estimator of thermal history of American eels in fresh water, 

providing a geothermometer that is applied in the natural environment in chapter 5.   

In chapter 3, I examine the ɻ13C contribution of diet to ɻ 13C of otoliths using eels grown in 

a laboratory feeding study. There is considerable disagreement on how to interpret 1ɻ3C 



 

 

 

 

7 

because otoliths derive carbon from both diet and DIC in water. In this chapter, I isolate the 

1ɻ3C contribution of diet through a 24-week laboratory experiment where eels were fed four 

isotopically distinct diets, at a constant temperature of 28oC and a DIC of –1.6‰. I calculate the 

relative contributions of ɻ13C from diet versus DIC to the 1ɻ3C of the whole otolith. I then 

compare otolith 1ɻ3C with paired muscle ɻ13C and ɻ 15N to validate the use of otoliths as diet 

indicators. This chapter provides two important contributions to improve interpretations of 

1ɻ3C: (1) a percentage contribution of ɻ13C from diet and DIC to ɻ13C of eel otoliths, and (2) 

validation that eel otoliths can accurately reflect diet through direct comparisons of otoliths 

and muscle.  

In chapter 4, I address a long-standing debate in the literature: whether metabolic rate 

influences ɻ 13C of otoliths. Most of the support for the relationship between ɻ13C and metabolic 

rate comes from indirect inferences, because metabolic rate is difficult to measure in the 

natural environment or control in a laboratory, and conflicting evidence about the importance 

of metabolic rate has sowed uncertainty in interpretations of ɻ 13C of fish otoliths. In this 

chapter, I use the novel approach of manipulating swimming activity in eel elvers for 20 weeks 

to induce a gradient of metabolic rates, confirmed by oxygen consumption rate measurements, 

and then measure ɻ13C of otoliths. I control for other factors that influence 1ɻ3C (diet and DIC) 

and factors that influence metabolic rate (temperature and body size). This chapter provides 

empirical evidence to fill a major gap in the field by disentangling metabolic rate from 

interpretations of ɻ 13C of fish otoliths.   



 

 

 

 

8 

In chapter 5, I use the stable isotope composition of otoliths to elucidate the thermal and 

ecological associations of stocked American eels living in the upper St. Lawrence River. The 

findings of chapters 2, 3, and 4 are used to interpret 1ɻ3C and ɻ18O of otoliths from free living 

eels. American eel elvers are notoriously difficult to study because they undergo extensive 

migrations over a remarkably wide geographic range (>3000 km). However, a government 

experimental stocking program placed elvers of known age and growth history in a single 

measurable environment, which created a unique opportunity to validate the isotope 

inferences made in the laboratory. In this chapter, I use ɻ18O and ɻ 13C of otoliths to determine 

habitat use and dispersal after stocking. I then ask how habitat use relates to age, year class, 

body size (growth rate), prey availability, and temperature. I also test whether 1ɻ8O of otoliths 

can be used to estimate water temperature experienced by eels living in the natural 

environment.  
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Chapter 2 

Optimum growth temperature and thermal history of the American eel, 

determined using stable isotopes of otoliths and long-term laboratory rearing 

Abstract 

Isotope compositions of otoliths provide thermal history estimates of fish; however, this 

tool is currently unrefined for use on a catadromous species, such as the American eel Anguilla 

rostrata, where the otolith is formed in both marine and freshwater environments. In this 

study, we reared elvers in temperature-controlled laboratory conditions to 1) determine how 

somatic and otolith growth responded to temperature; 2) evaluate the relationship between 

water temperature and ɻ18O and ɻ 13C of otoliths; and 3) develop a species-specific isotopic 

fractionation equation that isolates the freshwater portion of the otolith. We reared 2,000 

elvers in fresh water for 32 weeks at 10 temperature treatments ranging from 10 to 34oC, then 

measured ɻ18O and ɻ 13C of otoliths. Our results show that eels have a high optimum 

temperature for somatic growth (27–28oC). Optimum temperature for otolith growth was 

slightly higher, suggesting that otolith growth can decouple from body growth. As temperature 

increased, ɻ 18O of otoliths decreased; using this relationship, the expression for aragonite-

water isotopic fractionation of American eel otoliths over the temperature range examined was 

1000lnαaragonite-water = 14.30(103T-1) – 18.651. The equation was tested by using 180 American eel 

otoliths from another controlled rearing study (conducted at 22 and 28oC) and was found to 

accurately predict water temperature (predictive error 0.49oC). The ɻ13C of otoliths decreased 

with temperature. This experiment validated the use of otoliths and stable isotopes as an 
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accurate estimate of thermal history of American eels in fresh water, providing a method that 

can be applied to wild eels.   

Introduction 

The American eel Anguilla rostrata is an exceptionally resilient fish that has inhabited 

marine and freshwater habitats of North America for over 20 million years (Aoyama et al., 

2001). Yet in recent decades, the species has experienced a precipitous decline (Richkus and 

Whalen, 2000; Dekker et al., 2003; Dekker and Casselman, 2014), and in 2014, the American eel 

was classified as an endangered species on the International Union for Conservation of Nature 

(IUCN) Red List (Jacoby et al., 2017). Factors that may contribute to the species’ decline include 

barriers to upstream migration, habitat loss, climate and oceanic change, loss of preferred prey, 

contaminants, and infection with the swim bladder parasite Anguillicola crassus (Castonguay et 

al., 1994a; Casselman, 2003; Knights, 2003; MacGregor et al., 2008). However, the global 

synchrony of decline with other anguillid species and the speed at which the decline has 

occurred indicate that global factors such as rising water temperature or climate change may 

be involved (Bonhommeau et al., 2008). 

Water temperature is a major controlling factor affecting metabolic rate and growth of 

fish, particularly in the earliest stages of life (1–3 years) (Fry, 1971; Panfili et al., 1994). 

Knowledge of the temperature-growth response of a species can help predict the direct 

temperature effects of climate change. Because eels have a very broad distributional range, the 

temperatures encountered in the natural environment can be very different from temperatures 

that eels prefer or those that produce optimal growth. Extensive migrations between spawning 
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and maturing grounds through different thermal environments necessitate a high degree of 

thermal tolerance (Haro, 1991; Jessop, 2010). Temperature could be a contributing factor to 

the species’ decline. Yet surprisingly few studies have attempted to determine the thermal 

requirements of American eels.  

The limited number of studies that examine optimum temperature for growth of the 

American eel and the complexity of the species’ life cycle have produced varying results on the 

thermal requirements of the species. The optimum temperature for growth is that at which the 

maximum growth rate occurs when fish are exposed to constant temperatures and ad libitum 

feeding (McCauley and Casselman, 1980, cited from Wismer and Christie, 1987). Peterson and 

Martin-Robichaud (1994) found that the highest somatic specific growth rate of American eel 

elvers (0.15–0.18 g) occurred at temperatures of 22.4 to 24.5oC. However, in Peterson and 

Martin-Robichaud’s 4-week-long experiments, the highest growth rates occurred at the highest 

temperature, indicating that the optimum growth temperature could be higher than the rearing 

temperatures. In a study involving longer-term rearing (15 weeks), the optimum temperature 

for somatic growth of American eels in the glass eel stage (~ 0.05 g) from the southern part of 

the species’ distributional range was 28oC for length and 29oC for weight (Tzeng et al., 1998).  

Although no study has investigated the thermal requirements of American eels in later life 

stages, the optimum temperature for somatic growth is thought to be similar to that of other 

anguillid species. Sadler (1979) determined the optimum temperature of European eels (~ 3.5 

g) as 22 to 23oC, while Seymour (1989) found a slightly higher temperature of 26.5oC (~ 1–2 g). 

Masuda et al. (2011) found that the highest growth rate of Japanese glass eels (> 30 mm) 
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occurred at 27.5oC. As a general indicator of optimum growth temperature for elvers and 

yellow eels, Japanese eels are generally cultured at temperatures of 25 to 28oC (Heinsbroek, 

1991), although some outdoor standing ponds can maintain temperatures of 30oC and still 

produce rapid growth rates (Usui, 1974). For tropical anguillid species, the optimum 

temperature for somatic growth was estimated to be 27.6oC for Anguilla marmorata (~5 g) and 

30.1oC for Anguilla bicolor pacifica (~ 5.6 g) (Luo et al., 2013). The optimum temperatures of 

these closely related anguillid species suggest that the optimum temperature for older, larger 

American eels likely falls within the range of 22 to 30oC. Although it is difficult to culture captive 

animals for extended periods of time and at a larger size, the longevity and complexity of the 

life cycle necessitate a study that examines the optimum temperature for growth of older, 

larger American eels in a longer rearing period than has previously been attempted.  

Previous studies involving the rearing of American eels have focused on determining 

thermal conditions for optimal somatic growth for aquaculture purposes (Peterson and Martin-

Robichaud, 1994; Tzeng et al., 1998). Few studies of anguillid species have investigated the 

relationship between otolith growth and water temperature. This relationship is important 

because otoliths are commonly used for back-calculations of body size and growth rate and it is 

necessary to know if otolith growth differs from somatic growth in response to water 

temperature. In the Japanese eel, otolith growth is proportional to water temperature increase 

over a broad temperature range from 15 to 25oC, with no significant difference in growth rate 

at temperatures between 25 and 30oC (Fukuda et al., 2009). Otolith growth in Japanese eels is 

thought to cease or produce very minimal deposition at temperatures below 10oC (Fukuda et 
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al., 2009). However, Cieri and McCleave (2001) found that glass-phase American eels still 

deposited daily increments below 12oC. In addition to growth back-calculations, knowledge of 

the temperatures at which otolith growth might cease is important in validating the use of 

otoliths as recorders of thermal history.  

Otoliths permit a precise examination of age, growth, thermal history, and ecology of a 

fish. Previous analyses of teleost fish otoliths have shown that oxygen isotopes can be used to 

estimate the water temperature in which a fish has lived (Devereaux, 1967; Patterson et al., 

1993; Thorrold et al., 1997; Høie et al., 2004). Otoliths are calcium carbonate accretions 

(typically aragonite) of the inner ear that are acellular and metabolically inert once deposited 

and provide a continuous repository and archive of environmental and physiological 

information (Campana, 1999; Panfili et al., 2002). The ratio of 18O to 16O deposited in a fish 

otolith is directly related to water temperature and ɻ18O of the ambient water at the time of 

deposition (Epstein et al., 1951; Thorrold et al., 1997). Fish are ectothermic, meaning their body 

temperature is governed by environmental temperature. Consequently, ambient water 

temperature is thought to be the primary factor in determining the ratio of 18O:16O accreted in 

an otolith (Campana, 1999). Thus, if ɻ18O of an otolith can be measured and the 1ɻ8O of the 

water is known, the temperature at which the otolith was formed can be calculated.  

Knowledge of ambient temperature conditions experienced by individual fish can be useful in 

analyses of past environmental changes and in determining the life-history dynamics of 

complex migratory fish species, such as the American eel.  
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The use of ɻ18O of fish otoliths to estimate ambient water temperature relies on the 

assumption that — across all fish species — the temperature-dependent isotopic fractionation 

between otolith aragonite and water is the same as for inorganic aragonite. However, aragonite 

formed by living organisms can be subject to slight differences from the predicted ratio of 

18O:16O. These discrepancies are proposed to be related to metabolism and are sometimes 

referred to as “vital” or “kinetic” effects (McConnaughey, 1989; Kalish, 1991b; Radtke et al., 

1996). The small differences in the temperature-dependent fractionation of isotopes between 

fish species, preclude the use of a general equation relating temperature and oxygen isotope 

fractionation in otoliths across all fish species. Consequently, previous authors have 

emphasized the need for species-specific isotopic fractionation equations (Kalish, 1991a; 

Thorrold et al., 1997; Høie et al., 2004). Storm-Suke et al. (2007) propose that in the absence of 

species-specific equations, genus-specific equations that account for species life history and 

physiology should be used when available. In contrast, Godiksen et al. (2010) suggest that the 

choice of a isotopic fractionation equation should be based on physiological similarity in 

thermal requirements, rather than phylogenetic relatedness, because even closely related 

species can vary in physiological performance. There is no existing equation for American eels. 

Development of such an equation would greatly enhance future studies involving eel otoliths.  

Although not the main focus of this study, carbon isotope ratios of fish otoliths can also 

provide additional information for a number of possible factors such as diet, metabolic rate, 

swimming activity, and dissolved inorganic carbon (DIC) in the water (Kalish, 1991b; Thorrold et 

al., 1997; Sherwood and Rose, 2003; Solomon et al., 2006; Tohse and Mugiya, 2008). In studies 
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of fish in the natural environment, it is difficult to isolate the effects of any of these individual 

factors, causing the factors that drive carbon isotope compositions of otoliths to remain poorly 

understood. Controlled rearing experiments offer an opportunity to isolate and examine the 

effects of a single variable — in this case, temperature.  

The present study examines the importance of water temperature through rearing of 

glass eels to large elvers in controlled temperatures encompassing the natural thermal range of 

the species. The main objectives of the experiment are to 1) determine the otolith and somatic 

growth response in relation to temperature, 2) determine a validated fractionation equation 

specific to the American eel that relates 1ɻ8O of otoliths and ambient water temperature, and 

3) examine the influence of temperature on 1ɻ3C of otoliths. 

Materials and Methods 

All work complied with Canadian Council on Animal Care (CCAC) guidelines and was 

performed in accordance with permits issued by the Queen’s University Animal Care 

Committee (UACC protocol #100593, Casselman—2011-028).  

Source of eels and capture  

Live glass eels (N = 2,300) were captured in the St. Croix River near the west shore of the 

Bay of Fundy, New Brunswick, Canada, in early June 2013. Eels were captured over a five-day 

period and amalgamated in a holding facility at 10oC. They were not fed during holding. All eels 

were provided gratis by Brunswick Aquaculture Ltd. Eels were shipped through Air Canada 

Cargo and then driven to the Queen’s University Biology Department Aquatic Facility in 
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Kingston, Ontario, Canada. Upon arrival, eels were divided equally between two 39-L flow-

through rectangular tanks and held at 10oC for two days to recover from the stress of transport.  

Initial subsample of glass eels 

Before the experiment began, 300 glass eels were euthanized, using 400 ppm tricaine 

methanesulfonate (MS-222, Aqua Life TMS Syndel), and used as a record of baseline condition, 

Immediately after euthanasia, each eel was dragged lightly across a wet sponge to remove 

excess moisture and wet weight and total length were measured. The mean body weight of the 

initial subsample was 0.23 ± 0.01 g (mean and 95% confidence interval) and total length was 

61.71 ± 0.45 mm. Sagittal otoliths were removed under a dissecting microscope and cleaned by 

dragging them lightly across 800-grit silicon carbide grinding paper (Buehler) to remove any 

attached soft tissue, then washing them in 80% ethanol and distilled water. Otoliths were 

placed in the centre of a small square of Parafilm (Parafilm M, Bemis) with a black circle drawn 

around them for easy retrieval. The Parafilm was folded to contain the otoliths, placed in 

microcentrifuge vials, and stored dry.  

Marking of otoliths with tetracycline 

Otoliths of live eels were marked by oxytetracycline hydrochloride immersion (OTC, 

Liquimycin LA-200, Pfizer) to indicate the start of the experiment within the otolith. When small 

fish are immersed in OTC solutions, the OTC is incorporated in their calcified tissues, such as 

otoliths. When later removed and placed under ultraviolet light (Figure 2.2), the OTC mark 

fluoresces (Tsukamoto, 1985). Eels were immersed in a solution of 4 L of water containing 5% 

sodium chloride and 3% OTC. The treatment time was 15 minutes at 22oC (room temperature) 



 

 

 

 

17 

and eels were treated in batches of approximately 1,000. This OTC marking procedure was 

modified from Simon and Dorner (2005) and Threader et al. (2010).  

Thermal rearing and maintaining water temperature 

Eels were randomly distributed in 10 tanks, each containing 200 eels. Temperature 

treatments ranged from 10 to 37oC by 3-degree increments, examining 10 temperatures and 

rearing for 32 weeks. Eels were acclimated to rearing temperatures at a rate of increase of 3oC 

every 48 hours. Water temperature in each tank was maintained by using a combination of 

heaters (JBJ TrueTemp Titanium Heating System with controller — 500 W and 800 W, 

TransWorld Aquatic Enterprises Inc) and digital mixing valves (Hass Manufacturing Intellifaucet 

K250). Dechlorinated water fed from each mixing valve (or chiller in the case of the 10oC 

treatment) was tempered 3oC lower than each corresponding rearing temperature. Mixing 

valves dispersed water into 62.5-L header tanks where heaters were used to raise the 

temperature the additional 3oC. Water was then fed into tanks containing eels at a flow rate of 

1.2 L/minute and controlled by using a ball valve. In preliminary tests, this combination of 

header tank volume (62.5 L) and flow rate (1.2 L/minute) was most effective at maintaining 

consistent water temperatures between 10 and 37oC in a room temperature of 22oC. 

Temperature loggers (HOBO UTBI-001 TidbiT v2 Temperature Data Logger, Onset) were 

programmed to record water temperature every minute and placed in the bottom of each 

rearing tank. Water temperature was also measured and recorded with a glass handheld 

thermometer every 12 hours to ensure that controlled temperatures were maintained. The 

mean temperatures of the temperature loggers and glass thermometer were averaged 
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because, although air stones mixed the water, the temperature logger recorded at the bottom 

of the tank, while the glass thermometer recorded surface water temperature. The mean 95% 

confidence interval across all treatments was 0.034oC for the glass thermometer and 0.001oC 

for the temperature logger. Temperatures were maintained within 0.3oC of target 

temperatures throughout the experiment (Table 2.1). All calculations and analyses were 

conducted using the mean measured temperatures, although for simplicity, plots and general 

references refer to the target temperatures.  

Rearing conditions 

Eels were housed in 39-L (51 x 25.5 x 31.5 cm) rectangular tanks filled with 32 L of 

dechlorinated water, tightly fitted with silicone-sealed plexiglass lids with removable feeding 

and cleaning hatches. Water level was maintained by using a standpipe covered with a mesh 

screen that could be removed and cleaned. Each tank contained an air stone, and oxygen 

saturation was maintained between 80 and 100%. The pH was 8.0. Two black PVC plastic pipes 

(6-cm diameter, 30-cm length) were placed in each tank to provide cover. Every second day, 

tanks were cleaned with a small brush and then debris was siphoned out. Standpipe screens 

were cleaned every 12 hours and rinsed in hot water to remove buildup and prevent tank 

overflows. Lights were maintained on a 12-hour light/dark cycle. Fluorescent light tubes were 

covered with yellow filters to reduce light levels in the room. Tanks were covered with orange 

garbage bags (Glad Easy-Tie) to reduce light levels when maintenance was not being performed 

and to reduce disturbance from people entering the room. Light levels inside eel tanks when 

orange garbage bags were present was 8.8 ± 0.9 lux across tanks. Tanks were inspected for 
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dead eels every 12 hours during feeding. Dead fish were immediately removed, weighed, 

measured, then stored in 80% ethanol.  

Diet and feeding regime 

Food was added to each tank (~8% body weight) every 12 hours (16% per day), between 8 

and 9:30 a.m. and between 8 and 9:30 p.m. To ensure that eels were being fed ad libitum, food 

was given at over twice the amount fed in other experiments involving anguillid species, where 

eels were fed 7.5% total body weight per day (Degani et al., 1988), 1.3–3.9% body weight per 

day (Seymour, 1989), 1–3% biomass per day (Heinsbroek, 1991), and 4% body weight per day 

(Huertas and Cerda, 2006). Food quantity was adjusted throughout the experiment to ensure 

there was always excess food in each tank after feeding. At the mid-point of the experiment, all 

eels in each tank were weighed live, in a beaker of water placed on a scale, to help adjust 

biomass estimates and ensure that eels were still being fed 16% body weight per day.  

Food consisted of equal quantities of Otohime Larval Fish Food A2 and B1 (Marubeni 

Nisshin Feed Co., LTD), mixed with frozen Chironomids (Hikari Bio-pure). A scalpel was used to 

chop Chironomids into 1-to-2-mm pieces, which were mixed into Otohime to form a mixture 

with the consistency of hard dough. The ratio by wet weight was approximately 40:60 Otohime 

to Chironomids. The dry weight ratio was 92:8 Otohime to Chironomids. The ɻ 13C of the food 

mixture was –23.6‰ and 1ɻ5N was +10.0‰ (Chapter 3). 

Formaldehyde treatment to control white spot disease 

At the start of the experiment, all eels were treated with a static formaldehyde bath to 

prevent white spot disease, or infection of the protozoan ectoparasite Ichthyophthirius 
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multifiliis. Our previous experience in rearing American eels indicated that early proactive 

treatment was necessary to prevent a more serious outbreak later in the experiment. Tanks 

were treated with 100 ppm formaldehyde in static baths for one hour. This protocol was 

repeated every 48 hours for a total of three treatments. This procedure was recommended by 

the Ontario Provincial Fish Veterinarian at the University of Guelph, Dr. John Lumsden. This 

treatment successfully prevented white spot infection. 

Mortality  

Cumulative mortality was highest during the first 15 weeks (105 days) of the experiment 

and then decreased thereafter (Figure 2.1). Eels placed in the 37oC treatment were unable to 

survive at the high temperature and generally died within the first 14 days of the experiment. 

Mortality in the 34oC treatment continued to increase until the treatment was terminated in 

week 27 (5 weeks early) because so few eels remained. The mean total mortality was 16% 

across the 10 to 31oC treatments. Mortality in the lower temperature treatments (10, 13, 16oC) 

started later in the experiment and was generally lower than that at higher temperatures. 

Mortality in the higher temperature treatments (19 to 31oC) occurred earlier but ceased 

quickly, and survival was sustained for the remainder of the experiment. Changes in density 

throughout the experiment did not appear to influence growth rate, as eels were fed well in 

excess of ad libitum.   

Termination of experiment 

After 32 weeks, unpigmented glass eels had grown into elvers and small yellow eels. The 

32-week duration was chosen to ensure that all otoliths grew large enough to take on the 
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isotopic signature of the controlled conditions, particularly in the low-temperature treatments 

in which eels grew less. Eels were not fed within 24 hours of euthanization at the end of the 

experiment. Eels within each treatment were euthanized every 24 hours in the order in which 

they were acclimated, starting with the 10oC treatment and ending with the 31oC treatment. 

Eels were euthanized, measured and weighed, and otoliths removed fresh and stored dry using 

the same methods described for the initial subsample. Internal examination confirmed that 

none of the eels had begun to form gonads, meaning all growth energy was used for somatic 

growth only. Thirty eels were randomly subsampled from each temperature treatment using a 

random number generator in R (version 3.4.1, R Development Core Team, 2017). In the 34oC 

treatment, where there were fewer eels, all 17 fish were used. A total of 257 otoliths were 

examined across 10 different temperatures. Left and right otoliths were desiccated for 48 hours 

and weighed to the nearest 0.0001 mg several times to ensure consistency (Sartorius MSA6.6s-

000-DM Cubis Micro Balance). Right otoliths were used for isotope analysis and left otoliths 

were used for growth measurements.  

Stable Isotope Analysis 

Stable isotope abundances were determined by using continuous-flow stable isotope 

ratio mass spectrometry (Thermo ScientificTM GasBench II and DeltaPlus XP Continuous-Flow (CF) 

Stable Isotope Ratio Mass Spectrometer (IRMS), at the Queen’s Facility for Isotope Research 

(QFIR) in Kingston, Ontario. Isotope ratios were expressed in parts per thousand (‰) and 

reported using the delta notation (ɻ):  

‏
Ὑ Ὑ
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where R is the ratio of the heavy (rare) isotope to the light (common) isotope.  

The ɻ 18O and ɻ 13C of otoliths were calibrated to Vienna Standard Mean Ocean Water 

(VSMOW) and Vienna Pee Dee Belemnite (VPDB) using international standards NBS 19 

(accepted values: ɻ18O = +28.65‰, 1ɻ3C = +1.95‰) and NBS 18 (accepted values: ɻ18O = +7.2‰, 

1ɻ3C = –5.01‰). DOL2, a secondary internal laboratory standard made from dolomite, was used 

to test the calibration (accepted values: 1ɻ8O = +22.2‰, 1ɻ3C = +1.1‰). Reproducibility for NBS 

19 was ± 0.21‰ for 1ɻ8O and ± 0.14‰ for 1ɻ3C (n = 48). Reproducibility for NBS 18 was ± 

0.14‰ for 1ɻ8O and ± 0.13‰ for 1ɻ3C (n = 12). Results for DOL2 were: ɻ 18O = +22.3 ± 0.30‰, 

and ɻ 13C = +1.0 ± 0.18‰ (n = 18), which compare well with its accepted values. Otoliths were 

analyzed in suites of 60 vials with 10 interspersed vials containing certified reference materials 

and two empty vials as blanks. 

To avoid pooling otoliths from multiple fish because of their small size, three different CO2 

gas concentration and extraction methods were employed, depending upon size. Method one 

(largest) — otoliths that weighed more than 0.1 mg were placed in 12-mL round-bottom 

borosilicate vials and flushed with helium to remove atmospheric CO2. Each otolith was then 

dissolved in 100% anhydrous phosphoric acid at 72oC, releasing CO2 gas, which was analyzed 

using the Thermo ScientificTM GasBench II coupled to an IRMS for the ratios of 18O to 16O and 

13C to 12C. Method two (intermediate size) — otoliths that weighed 0.050 to 0.099 mg were 

placed in 4.5-mL round-bottom borosilicate vials to concentrate the smaller amount of CO2 gas 

produced by smaller otoliths. To decrease the potential of leaking from caps, the 4.5-mL vials 

were propped up on aluminum foil inserts inside the 72oC heating block so that the vials would 
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not hang by their caps. Vials were then flushed with helium, otoliths were dissolved in 100% 

anhydrous phosphoric acid at 72oC, and CO2 gas was delivered to the IRMS. Method three 

(smallest) — otoliths that weighed 0.020 to 0.049 mg were placed in 4.5-mL round-bottom 

borosilicate vials, flushed with helium, and otoliths dissolved in 100% anhydrous phosphoric 

acid at 72oC. Instead of sending the resulting CO2 gas directly to the IRMS, gas was redirected to 

a Thermo ScientificTM GasBench II Cryo Trap. This cryo trap raised and lowered a stainless-steel 

sampling loop into a liquid-nitrogen-filled dewar, effectively freezing and cryo-focusing the CO2. 

This allowed the gas to be focused into a larger accumulation that, once removed from the 

liquid nitrogen and warmed, could be transferred to the IRMS as one large “pulse” of gas. This 

method allowed very small amounts of CO2 gas to be concentrated before analysis.  

Water from each rearing tank, sampled at the start of the experiment, had a ɻ18O of –

6.5‰ (Table 2.3). Approximately 2-mL of water from each sample was placed in 12-mL flat-

bottom borosilicate vials and flushed with a mixture of 3% CO2 and helium to remove 

atmospheric CO2. Vials were left to equilibrate at 25oC for three days. Once equilibrated, CO2 

was analyzed with a Thermo ScientificTM Gas Bench II coupled to a Thermo ScientificTM DeltaPlus 

XP CF-IRMS. 

Measured ɻ 18O of otoliths and water was used to calculate individual fractionation factors (α): 

                                                             ‌  
‏ ὕ ρπππ

‏ ὕ ρπππ
ȟ                                                   ὉήȢςȢρ 

where ɻ 18Ootolith and ɻ 18Owater are the oxygen isotope compositions of the otolith and water. 

Following standard practice, otolith 1000lnα values were regressed against mean water 

temperatures (1000/T) to estimate a temperature-dependent fractionation equation as follows: 
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                                       ρπππÌÎ‌ ὥ ὦ ρπ Ὕϳ ȟ                                  ὉήȢςȢς                             

where 1000lnα is the natural logarithm transformed fractionation factor, a is the intercept, and 

b is the slope. T is the water temperature in kelvin (K).  

Otolith preparation 

Left otoliths were mounted on glass slides with cyanoacrylate (Krazy GlueTM) using 

methods similar to those of Stevenson and Campana (1992). Whole otoliths were viewed at 

40×, 100×, and 200× magnification (Olympus BH2-RFCA) and photographed under ultraviolet 

and transmitted light. To better view the tetracycline label, otoliths were laterally-medially 

ground dry on one side, first with dry 400-grit Buehler silicon carbide paper and then with 800-

grit paper, and then photographed under ultraviolet and transmitted light (Figure 2.2).  

Otolith volume calculations 

Ideally in otolith studies, fish are hatched in a laboratory into controlled conditions, 

making the entire history of otolith growth known. However, in complex species like the 

American eel where routine laboratory hatching is not yet possible, all study specimens are 

wild-captured and the otolith inevitably contains a previous history. Hence, proportional 

weighting must be used to factor out the previous history and isolate the otolith material 

formed under controlled conditions. The initial subsample of eels, taken before the start of the 

experiment, provided otoliths for which ɻ18O and ɻ 13C could be measured. It was originally 

thought that otolith mass could be used for proportional weighting by using the mean otolith 

weights of the initial subsample. But there was no way to confirm that the mean weight of 

other fish was an appropriate estimate for each individual eel in the experiment. If an eel was 
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small at the end of the experiment, there was no way to determine if it started out smaller than 

average or if it started out average in size and then did not grow. Although there was no 

significant difference in initial otolith size among treatments, there was high variance. This high 

variance in initial size created errors in proportional weighting, particularly for otoliths that did 

not deposit much material during the experiments, such as during the temperature extremes. 

Using mass for proportional weighting led us to recognize that each otolith must be treated 

individually. Area analysis, treating otoliths as a circle, was attempted but it overestimated the 

proportion of the otolith formed before the tetracycline label. Volume, while treating the 

otolith as an ellipsoid, produced the most accurate values (Figure 2.2). This was as expected, 

given the general shape of otoliths of elvers. The correct use of an ellipsoid was confirmed by 

calculating specific gravity using the equation specific gravity = mass/volume and then 

comparing values to the known specific gravity of aragonite of 2.9–3.0 g/cc.  

Volume of the whole otolith and otolith up to the tetracycline label was calculated using 

the ellipsoid relationship:  

                                                                          ὠ
τ

σ
ὃ ὡȟ                                                            ὉήȢςȢσ 

where V is the otolith volume; 

A = π × otolith length × otolith height, and 

W = otolith width, calculated using the equation ὡ πȢπςυυπȢσσυωέὸέὰὭὸὬ ὬὩὭὫὬὸ 

ImageJ software (Rasband, W.S., ImageJ, U.S. National Institutes of Health, 

https://imagej.nih.gov/ij/, 1997–2017) coupled with a Wacom CTH470M Bamboo Capture Pen 

Tablet was used to digitally trace and measure the width, height, and area of the whole otolith 
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and the otolith at the tetracycline label (Figure 2.2). Area was measured by digitally tracing the 

tetracycline label and otolith edge and then using the ImageJ software to calculate the area 

within the traced portion (Figure 2.2B). Otolith height was measured by tracing a line across the 

height of the whole otolith and label (Figure 2.2B). Otolith width was determined by using the 

relation between otolith width and height, as determined by measuring the first annual 

increment in otolith transverse cross-sections of 60 eels: 20 wild, from the St. Lawrence River at 

Cornwall (captured from the Moses-Saunders Dam eel ladder, 1976–2007 and archived in the 

CSAGES laboratory), 20 stocked, from the St. Lawrence River at Mallorytown (captured 2011–

2013), and 20 stocked, from a creek tributary of the St. Lawrence River (captured 2010–2013) 

(Figure 2.2C). A linear relationship between otolith width and height was generated and then 

applied to estimate otolith height of eels from the rearing experiments.  

The mean initial volume at the start of the experiment (otolith at the tetracycline label) 

was 0.0094 ± 0.00235 mm3 across treatments. There was no significant difference in initial 

otolith volume of eels among temperature treatments (one-way ANOVA. F8 = 1.22, p = 0.286).  

Volume estimates were calculated to proportionally weight isotope compositions of the 

whole otolith and portion of the otolith formed during the experiment period by using the 

following mass balance equation:  

‏                                               ὕ
‏ ὕ ὠ ‏ ὕ ὠ

ὠ
                                      ὉήȢςȢτ 

where ɻ 18Oexp is the calculated ɻ18O of the otolith formed during the experiment; 

1ɻ8Of and Vf are ɻ 18O of the final whole otolith and volume (mm3); 

 ɻ 18Oi and Vi are the initial ɻ 18O and volume of the otolith up to the tetracycline label, and 
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Vexp is the calculated volume of the otolith formed during the experiment obtained by 

subtracting the initial otolith volume (up to the tetracycline label) from the volume of the 

whole otolith. 

Testing of the eel otolith-water oxygen isotope fractionation equation 

To test the eel otolith-water oxygen isotope fractionation equation determined in this 

study, and presented below, eel otoliths from three other controlled rearing experiments, 

conducted at 22 and 28oC, were used as “known” test samples. The calculated water 

temperatures were compared with those produced by using the equation and ɻ18O of 180 eel 

otoliths grown at known temperature in water of known 1ɻ8O. Calculated water temperatures 

were compared with rearing temperatures as a measure of predictive error.    

To validate the use of a species-specific otolith-water oxygen isotope fractionation 

equation, equations developed by Patterson et al. (1993), Thorrold et al. (1997), Høie et al. 

(2004), Storm-Suke et al. (2007), Kim et al. (2007), and Geffen (2012) for various fish species 

were applied to the same 180 eel otoliths (Table 2.2). Temperature estimates using these 

equations were then compared with rearing temperatures as a measure of predictive error.   

Growth rate of body and otoliths 

The specific growth rate of each eel was calculated using the equation:  

                                   ὛὋὙ
ÌÏÇίὭᾀὩ ÌÏÇίὭᾀὩ

ὸ
ρππ                                    ὉήȢςȢυ 

where SGR is the specific (instantaneous) growth rate in percentage change per day; 

SIZEfinal is the size of the eel at the end of the experiment (as body weight, total length, or 

otolith volume); 
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SIZEinitial is the mean total length or body weight of the initial subsample of eels, or the volume 

of an individual otolith up to the tetracycline label, or start of the experiment. Initial body size 

had to be estimated using the initial subsample because eels placed in the experiment could 

not be marked as individuals due to their small size, and 

 ‘t’ is the number of days of the experiment.  

To determine the optimum temperature for body and otolith growth, specific growth 

rates by rearing temperature were fitted with fourth order polynomial equations. The data 

were fitted with second, third, and fourth order polynomials; fourth order polynomials were 

chosen because they had the highest R2 values. Once the data were fitted to each equation, the 

optimum temperature was determined by inputting temperatures in 0.1oC increments into the 

equation and solving for specific growth rate. The temperature that produced the highest 

specific growth rate was considered the optimum temperature for growth.  

Micro-XRD 

Micro X-ray diffraction was used to determine if otoliths contained vaterite, a polymorph 

of calcium carbonate that sometimes substitutes for, or replaces, aragonite in fish otoliths. We 

visually selected one otolith that showed possible abnormal crystal growth from each 

temperature treatment to increase the chances of detecting the presence of vaterite. Micro-

XRD data were collected using a Bruker D8 Discover microdiffractometer and Vantec-500 Area 

Detector with general area diffraction detector system (GADDS) software at the University of 

Western Ontario. The operational conditions were Cu Ka radiation (λ= 1.78897 Å), 35 kV × 45 

mA, a beam diameter of 300 μm, a step size of 0.025°, a speed of 30 min/frame, and a 2θ 
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scanning range of 14.5°–108°. Three targets were analyzed on each otolith and compared with 

a vaterite (PDF 00-060-0483) and an aragonite (PDF 00-041-1475) reference card in the Powder 

Diffraction FileTM maintained by the International Center for Powder Diffraction Data. Peaks 29° 

2θ and 51°2θ (Co Kα) were used to indicate the presence of vaterite. 

Statistical Analysis 

All statistical analyses were conducted in R (version 3.4.1, R Development Core Team, 

2017). Figures were generated using SigmaPlot 11.0.  

Results 

Body and otolith size 

Final eel body and otolith size increased with increasing temperature up to 28oC and then 

decreased (Table 2.1). Eels that were reared at 28oC grew to the largest total length and body 

weight, while eels reared at 10oC were smallest in total length. Eels reared at 34oC were, on 

average, smallest in body weight. Eels exhibited increased variance in body size distribution for 

both weight and length at temperatures near 28oC (Appendices B and C). Otoliths were heaviest 

in the 28oC treatment and lightest in the 10oC treatment (Table 2.1). There was a significant 

relation between otolith weight and body weight, which was best fit with a linear relationship 

(F255 = 2055, p < 0.01, R2 = 0.89; Appendix D). 

Optimum temperature for growth 

The relationship between specific body-weight growth rate and water temperature was 

best fitted by a fourth-power polynomial y = –0.00005049x4 + 0.004054x3 – 0.11914x2 

+1.56051x – 7.08218 (Figure 2.3A). Using this equation, the optimum temperature for growth in 
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body weight was 27.7oC. The relationship between specific body-length growth rate and water 

temperature was best fitted with the fourth-power polynomial y = –0.00001044x4 + 

0.0007993x3 – 0.02255x2 + 0.29382x – 1.34376 (Figure 2.3B). Using this equation, the optimum 

temperature for growth in body length was 27.3oC. The relationship between specific otolith-

weight growth rate and water temperature was best fitted with the fourth-order polynomial y = 

–0.000006537x4 + 0.0004444x3 – 0.01166x2 +0.18289x – 0.84718 (Figure 2.3C). Using this 

equation, the optimum temperature for growth in otolith weight was 28.1oC.    

Relationship between otolith and body growth rate 

When the relationship between otolith and body specific growth rate by weight was 

compared across rearing temperatures, the correlation appeared to be strongest at 

temperatures surrounding the optimum for growth, 28oC (Appendix E). There were significant 

relationships between otolith and body specific growth rate in the 13 to 31oC temperature 

treatments (Linear Regressions; Appendix E, panels B — H). The highest R2 values were at 28oC 

(0.93), 25oC (0.92) and 31oC (0.88). At the temperatures extremes, 10 and 34oC, there was no 

significant relationship between otolith and body specific growth rate by weight (linear 

regressions – 10oC: F28 = 3.51, p = 0.07, R2 = 0.08 and 34oC: F15 = 1.50, p = 0.24, R2 = 0.09; 

Appendix E, panels A and I). 

Generally somatic specific growth rate was higher than otolith specific growth rate except 

in the 10 and 34oC treatments, where otolith growth appeared to decouple from somatic 

growth (Figure 2.4). To further investigate the differences in otolith and body specific growth 

rates by temperature, relative growth rates (by percent) were calculated using the equation: 
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relative growth = SGRoto/SGRbody. Otoliths from the 10 and 34oC treatments grew at a faster rate 

than the body (Figure 2.4). Body growth was faster than otolith growth in all other temperature 

treatments (13–31oC). A one-way ANOVA indicated that the relative growth difference in the 

34oC treatment was significantly different from all other treatments (F8 = 31.1, p < 0.01. TUKEY 

HSD p < 0.01 for 34oC comparisons with all other temperature treatments; Figure 2.4). There 

was a significant difference between the 10 and 16oC (TUKEY HSD p = 0.042) and the 10 and 

34oC treatments (TUKEY HSD p < 0.01) but no significant differences across all other treatment 

comparisons (TUKEY HSD p > 0.05 all comparisons; Figure 2.4).  

Oxygen isotopes 

The ɻ 18O of otoliths ranged from +20.8 to +29.2‰ and came from temperatures 

encompassing 10 to 34oC. Otoliths were less enriched in 18O with increased water temperature, 

showing overall significant differences between rearing treatments (one-way ANOVA, F8 = 

107.95, p < 0.01; Figure 2.5, Table 2.3). The 10 temperature treatments ranged from 10 to 34oC 

in 3-degree increments. The overall trend shows consistent decreases in 18O across treatments; 

post-hoc comparisons revealed significant differences in ɻ18O occurred across 6oC comparisons 

(TUKEY HSD, significance indicated with letters above boxplots in Figure 2.5). Higher levels of 

variance in ɻ18O occurred at the temperature extremes, 10 and 34oC (Figure 2.5). 

Carbon isotopes 

The ɻ 13C recorded in otoliths from temperatures encompassing 10 to 34oC ranged from –

13.8 to –8.4‰. Otoliths became more depleted of 13C as temperature increased, similar to the 

trend for oxygen isotopes (Figure 2.6, Table 2.3). Values of ɻ13C showed overall significant 
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differences between temperature treatments (one-way ANOVA, F8 = 36.65, p < 0.01; Figure 

2.6). TUKEY HSD post-hoc comparisons revealed that the differences were most evident in 

comparisons involving the temperature extremes, such as 10, 13, 31, and 34oC (significance 

indicated with letters above boxplots in Figure 2.6).  

Relationship between oxygen and carbon isotopes 

There was a significant relation between 1ɻ3C and ɻ18O in eel otoliths across temperature 

treatments (linear regression, F255 = 359.4, p < 0.01, R = 0.58, df = 256; Appendix F). The relation 

is described by the linear equation of 1ɻ3Cotolith = –32.85 + 1.03( 1ɻ8Ootolith).  

Minerology of otoliths 

Micro X-ray diffraction was used to determine the presence of vaterite and aragonite in 

eel otoliths from each temperature treatment. There was no vaterite in otoliths from the 13, 

22, 31, and 34oC treatments (Table 2.4). Vaterite was detected in one of the three targets 

measured in otoliths grown at 16, 19, 25, and 28oC, and in all three targets in otoliths from the 

10oC treatment (Table 2.4).  

Discussion  

This study confirms that American eel elvers have retained a high optimum temperature 

for somatic growth of 27 to 28oC, matching previous work on glass eels from the southern part 

of the species’ range (Tzeng, 1998). This temperature is surprisingly high, given that maximum 

mean daily summer water temperatures in the more northerly part of the species’ range would 

rarely, if ever, approach this optimum. This high temperature optimum could be an 

“evolutionary holdover”, considering that freshwater eels are thought to have originated in the 
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tropical Pacific; 13 Anguilla species currently inhabit the tropics, while only five species occupy 

maturing grounds in temperate regions (Aoyama et al., 1997). Based on mitochondrial DNA 

evidence, the ancestral Anguilla eel originated 36–57 MYA in the Eocene Epoch, during which 

temperatures averaged around 30oC (Aoyama et al., 1997). In addition to conservation of a high 

optimum growth temperature, eels have dispersed widely and successfully, in that every newly 

hatched larval eel that leaves the Sargasso Sea spawning grounds is physiologically equipped 

with the ability to inhabit a very broad geographic range. High phenotypic plasticity has been 

proposed as an adaptive response to broad environmental variability for many species, 

particularly those with large ranges and panmictic populations (Gotthard and Nylin, 1995; 

Pigliucci, 2005; Daverat et al., 2006). It is possible that conservation of a high optimum 

temperature and phenotypic plasticity in the panmictic American eel has facilitated an 

exceptionally wide range of growth and survival strategies, allowing the species to inhabit a 

broad range of environments and persist for millions of years.  

As a consequence of their high optimum temperature for growth, conservation of 

American eels may be enhanced by climate change. Rising water temperatures could increase 

somatic growth rate of elvers across most of the range, particularly in the northern part, where 

summer temperatures are currently well below optimum. Daverat et al. (2012) suggest 

European eels could similarly benefit from climate change, particularly in the northern part of 

their range, because of a positive relationship between somatic growth rate and temperature. 

With rising water temperature, increased growth rate could cause eels to mature at a younger 

age and shorten generation time, which could increase the reproductive capacity of the species. 
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Rising temperatures, however, are likely to have effects beyond increasing growth rates. For 

example, although higher temperatures accelerate gonad maturation in the European eel, 

excessively high temperatures can result in lower-quality oocytes (Kucharczyk et al., 2016).  

Despite the widespread use of fish otoliths to estimate life history information, very few 

studies have examined how the thermal growth response of otoliths might differ from other 

body tissues, such as somatic growth. Although there is typically an overall strong positive 

correlation between otolith and body growth within individual fish in this study, the difference 

in optimum growth temperatures indicates that otoliths can continue growing when somatic 

growth has ceased. This decoupling may occur because the factors that drive growth differ 

between otoliths and the body. Body growth is generally fueled by the amount of energy input 

(food ingestion) and subsequent allocation of energy resources to growth versus basic body 

maintenance. In contrast, the precipitation rate of an otolith within the endolymphatic fluid is a 

chemical equilibrium reaction that is closely controlled by thermodynamics and the physical 

properties of the endolymph fluid, such as temperature and saturation state of calcium and 

carbonate ions (Gutierrez and Morales-Nin, 1986; Romanek and Gauldie, 1996). So, although 

the body and otoliths are both influenced by metabolic rate, the specific processes that control 

their growth are likely separate, indicating that otolith growth can be independent of somatic 

growth (Wright et al., 1990; Wright, 1991; Hoff and Fuiman, 1993).   

Most growth back-calculation estimates, such as size at age and growth rate derived from 

otoliths, rely on the assumption of proportionality between somatic and otolith growth; hence 

it is important to know if this relationship decouples under certain conditions (Campana and 
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Neilson, 1985; Casselman, 1990; Campana, 1990). Otolith and somatic growth rates are usually 

proportional to one another. In some circumstances, however, decoupling can occur where 

somatic growth slows or ceases but the otolith continues to grow (Mosegaard et al., 1988; 

Campana, 1990; Secor and Dean, 1992). When decoupling occurs, slow-growing fish commonly 

have larger otoliths than fast-growing fish of the same size, while faster-growing fish tend to 

have proportionally smaller otoliths (Reznick et al., 1989; Campana, 1990; Schirripa and 

Goodyear, 1997; Otterlei et al., 2002; Høie et al., 2003). This phenomenon is particularly 

evident in both the 10 and 34oC treatments, where thermal constraints have produced slow-

growing, small fish with otoliths that are proportionally larger than their body (Table 2.1; Figure 

2.4). This experiment indicates that decoupling can occur in the American eel near these 

temperature extremes, which could undoubtedly be encountered near the northern and 

southern extremities of the species’ distributional range. 

Otoliths showed a consistent decrease in 1ɻ8O as temperature increased across 

experiment treatments, demonstrating a precise relationship with water temperature. The 

higher levels of variance in ɻ18O at the temperature extremes were likely related to a smaller 

amount of calcium carbonate material deposited at the otolith edge because of slow growth 

during the experiment. The results of the experiment yield the following relationship for the 

otolith aragonite-water oxygen isotope thermometer from 10 to 34oC: 1000lnαaragonite-water = 

14.30 (103/T) – 18.65. When compared with aragonite-water isotopic fractionation equations 

proposed by others, the equation for American eels fell within the same general range but had 

a slightly shallower slope (Figure 2.7). At lower temperatures eel otoliths had lower ɻ18O 
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relative to inorganic aragonite, and at higher temperatures eel otoliths had higher 1ɻ8O relative 

to inorganic aragonite. This divergence may have resulted in part because not all eel otoliths 

were composed of pure aragonite; some otoliths contained vaterite.  

Calcium carbonate has three polymorphs: calcite, aragonite, and vaterite. Polymorphs 

have identical chemical formulas, but different crystalline structure, densities, and hardness 

(Carlstrom, 1963). Most fish otoliths are composed of aragonite. Vaterite is rare in nature, but it 

can grow in the place of aragonite in parts of a fish otolith, forming a mosaic of both aragonite 

and vaterite. Very rarely, however, are entire sagittal otoliths composed entirely of vaterite. 

The presence of vaterite inclusions varies among fish species, but they are particularly 

prevalent in salmonids (7–70% prevalence compared to 1–5% for non-salmonids (Gauldie, 

1986; Sweeting et al., 2004). Vaterite inclusions have also been documented in European eels 

from the Baltic Sea region (48% prevalence, Tzeng et al., 2007) and American eels from Atlantic 

Canada (21–59% prevalence, Jessop et al., 2008). Despite the high prevalence of eel otoliths 

with vaterite inclusions, most (83–92%) inclusions were of small size (<5% of otolith area, 

Jessop et al., 2008).  

The cause of the mineralogical shift between aragonite and vaterite in otoliths is 

unresolved, but proposed factors include partial genetic controls (Gauldie, 1986), temperature 

(Mukkamala et al., 2006), fast growth rate (Reimer et al., 2017), and stress factors such as high 

density, temperature fluctuation, disease, and poor water quality (Sweeting et al., 2004). 

Hatchery-reared fish have a 3–5 fold higher incidence of vaterite inclusions than wild fish, 

regardless of species (Sweeting et al., 2004). In the present study, vaterite was detected in the 
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otoliths of slow-growing eels reared at low temperatures (10, 16, 19oC) and also fast-growing 

eels reared at temperatures near and at the optimum for growth (25 and 28oC). Regardless of 

what causes vaterite inclusions, their effect on the isotopic composition of otoliths should be 

considered.   

Vaterite is depleted of 18O by ~1.5‰ relative to aragonite between 22 to 37oC (Kim et al., 

2007; Kluge and John, 2015; Figure 2.8a). Consequently, vaterite inclusions in otoliths result in 

lower ɻ 18O. Otoliths that contain both aragonite and vaterite will have isotopic compositions 

that are intermediate to pure aragonite and pure vaterite. The amount of depletion of 18O 

relative to aragonite would depend on the size of the vaterite inclusion in the otolith, to a 

maximum depletion of –1.5‰ in the case of a 100% vaterite otolith. If the size of the vaterite 

inclusion could be estimated, it could be used to correct the otolith 1ɻ8O value back to that of 

pure aragonite for use in the more widely-available aragonite oxygen isotope 

geothermometers. In Figure 2.8, we “correct” for hypothetical 5, 10, 20, 50, and 100% vaterite 

inclusions in the otoliths for temperatures where vaterite was detected using micro-XRD. When 

larger vaterite inclusions are considered, particularly at colder temperatures, the slope of the 

eel otolith-water isotopic fractionation by temperature becomes increasingly parallel to that of 

aragonite (Figure 2.8) and also that of other fish species (Figure 2.7). 

Species with high incidences of vaterite occurrence probably need species-specific 

geothermometers (e.g. eels and salmonids). Species that mainly form pure aragonite otoliths 

probably do not require species-specific geothermometers. The advantage of a species-specific 

geothermometer is that it naturally factors in the mixture of aragonite and vaterite and their 
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respective isotopic fractionations by temperature. Alternatively, a broad geothermometer for 

all fish species could be used, if an isotopic correction for vaterite inclusions was possible. This 

would require standard estimates of the percentage of vaterite versus aragonite in otoliths for 

fish species known to have a high prevalence of vaterite inclusions. For example, if Lake trout 

otoliths are typically ~30% vaterite, their ɻ 18O could be corrected, for use in a broad 

geothermometer, by adding 0.45‰ (+1.5‰ × 0.3 = 0.45‰). 

The present American eel study was unique in that it covered a very broad temperature 

range within a single species. This broad range produced vaterite inclusions at some, but not all, 

temperatures, which shifted the slope of the eel geothermometer compared to other studies. 

In contrast, geothermometers that differ only in intercept compared to other studies, such as 

that produced by Storm-Suke et al., 2007 (Figure 2.7) for salmonids probably also contain 

vaterite inclusions, but in equal amounts at all temperatures because of the narrower 

temperature range examined. Many of the otolith oxygen isotope geothermometers reported 

by others involve multiple species and narrow thermal ranges within each species (Figure 2.9). 

It is possible that some of these species have not been studied at temperatures low enough to 

produce vaterite inclusions. It may be only at a species’ temperature extremes that otolith 

microstructure changes enough to produce vaterite and shift otolith 1ɻ8O away from values of 

pure inorganic aragonite. The differences in 1000lnαotolith-water across species underscore the 

importance of considering vaterite inclusions when using 1ɻ8O as a geothermometer.   

When American eel otoliths (n = 180) from other controlled rearing experiments, were 

used to independently test the oxygen isotope thermometer developed in this study, the mean 
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predictive error was 0.49 ± 0.66oC (Table 2.2). When oxygen isotope thermometers for other 

species of fish were tested by using the results for the same 180 eel otoliths, the predictive 

error was on average 2.4oC (Table 2.2), confirming that a species-specific equation produces the 

most accurate temperature estimates. The equations developed for other species of fish 

tended to underestimate temperature from eel otoliths.   

Because the American eel lives the earliest part of its life in the marine environment, its 

otoliths are more complex than those of many other species. Accurate calculation of water 

temperature using the oxygen isotope aragonite-water thermometer proposed here requires 

that at least 50% of the otolith growth by volume occurs in fresh water and that the 1ɻ8O 

signature of the water is known (Figure 2.10). Growth is greatly reduced below 10oC. Below this 

temperature, it is unlikely that bulk otolith ɻ18O can be used to accurately predict temperature. 

A protocol was developed for calculating the water temperature during formation of the 

freshwater portion of an American eel otolith using 1ɻ8O (Figure 2.11). This protocol includes a 

proposed glass eel otolith volume and 1ɻ8O that could be applied to wild-captured eels where 

the glass eel, or marine, portion of the otolith cannot be easily isolated from the whole otolith. 

These proposed values are based on whole otoliths of 30 glass eels captured in the Bay of 

Fundy area as a record of “baseline condition” for the present eel study. These glass eels were 

captured during their migration from the Sargasso Sea and had not yet experienced freshwater 

residency. 

Otolith carbon isotope compositions are complex to interpret; they are potentially 

influenced by multiple factors, including diet, metabolic rate, swimming activity, water depth of 
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the eel’s habitat, and the isotopic composition and concentration of dissolved inorganic carbon 

(DIC) in the water (Kalish, 1991; Thorrold et al., 1997; Sherwood and Rose, 2003; Solomon et 

al., 2006; Tohse and Mugiya, 2008). In the experiments reported here (Figure 2.6), however, 

factors such as tank volume, ɻ13C of diet, and ɻ13C of DIC in the water were consistent across 

treatments and hence were not primary drivers of the observed differences in otolith 1ɻ3C. In 

addition, the ɻ 13C of DIC in the water used in the experiment (–1.6‰, Chapter 3) is similar to 

the ɻ 13C of marine DIC (+1.5‰, global average ocean surface water, Kroopnik, 1985). 

Therefore, eels used in this experiment were exposed to only a small range of 1ɻ3C of DIC 

during rearing. Any observed differences in 1ɻ3C across treatments were likely produced during 

the experiment by a factor other than DIC.  

Otoliths generally became more depleted of 13C as temperature increased, with 

differences most evident in comparisons involving temperature extremes. Temperature has not 

been found to affect ɻ13C in inorganic aragonite precipitated under laboratory conditions 

(Romanek et al., 1992). However, in an investigation of a wide range of fish species, Kalish 

(1991) found that otoliths became more depleted of 13C with increasing temperature, which he 

attributed to biological isotopic fractionation related to metabolic rate. Typically, fish species 

living at higher temperatures show depletion of 13C in their otoliths relative to isotopic 

equilibrium (Kalish, 1991b; Gauldie, 1996; Schwarcz et al., 1998; Høie et al., 2003). The 

evidence for a direct relationship between temperature and 1ɻ3C of otoliths is unclear, 

however, because of the confounding relationship between temperature and metabolic rate. A 

correlation between ɻ13C and ɻ18O of fish otoliths (Appendix F) has been previously 
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documented (Kalish, 1991b; Høie et al., 2004) and suggests a common underlying mechanism 

that influences both isotopes, such as temperature or metabolic rate. In the present 

experiment, we observed changes in ɻ13C in relation to changes in temperature, however, 

these findings do not allow us to distinguish between the direct effects of temperature versus 

temperature-driven changes in metabolic rate on 1ɻ3C of otoliths. The influence of metabolic 

rate on ɻ 13C of otoliths will be examined and discussed in subsequent chapters.   
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Table 2.1. Body length, body mass, and otolith mass of eels reared for 32-weeks at controlled 
temperatures. Measured temperature is the mean water temperature recorded every minute 
using temperature loggers and a glass research thermometer. Data are expressed as means ± 
95% confidence intervals for 30 eels. The 33.8oC temperature treatment contains 17 eels. 

Target 
Temperature (oC) 

Measured 
Temperature (oC) 

Total Length 
(mm) 

Body 
weight (g) 

Otolith weight 
(mg) 

10 10.3 68.8 ± 1.32 0.39 ± 0.03 0.0456 ± 0.0028 
13 13.3 82.6 ± 2.83 0.87 ± 0.08 0.0697 ± 0.0038 
16 16.0 91.7 ± 3.57 1.07 ± 0.14 0.0812 ± 0.0055 
19 19.1 104.0 ± 7.65 1.71 ± 0.44 0.1214 ± 0.0168 
22 22.0 123.0 ± 7.69 2.84 ± 0.61 0.1773 ± 0.0261 
25 24.9 124.9 ± 11.8 3.17 ± 0.97 0.2012 ± 0.0368 
28 27.9 142.6 ± 13.4 4.69 ± 1.42 0.2519 ± 0.0454 
31 30.9 118.5 ± 10.8 3.17 ± 1.19 0.1987 ± 0.0387 
34 33.8 71.1 ± 2.8 0.34 ± 0.09 0.1044 ± 0.0081 
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Table 2.2. Summary of fractionation equations for estimating water temperature using fish 
otolith 1ɻ8O, where T is 1000/K. 180 American eel otoliths derived from three previous 
laboratory rearing experiments, conducted at 22 and 28oC, were used to test the predictive 
power of the various equations. Predictive error is the mean difference (oC ± 95% CI) between 
the otolith ɻ 18O estimated temperature and measured water temperature. 
 

Paper Equation  Temperature 
range (oC) 

Species Predictive error 
(oC and 95% CI) 

Storm-Suke et al., 2007 20.69T–41.69 
 

2.3–11.8 Arctic charr 
Brook trout 

7.8 ± 0.43 
 

Patterson et al., 1993 18.56T–33.49 
 

3.2–30.3 Sculpin 
Lake trout 
Dace 
Lake chub 
Guppy 
Freshwater 
drum 
 

2.1 ± 0.49 
 

Kim et al., 2007 17.88T–31.14 
 

0–40 Inorganic 
Aragonite 

3.2 ± 0.51 
 

Thorrold et al., 1997 18.56T–32.54 
 

18.2–25 Atlantic 
croaker 

–1.1 ± 0.51 
 

Geffen, 2012 15.99T–24.25 
 

11–17 Plaice 0.28 ± 0.59 
 

Høie et al., 2004 16.75T–27.09 
 

2–19.5 Cod 1.9 ± 0.55 
 

Eel study 14.30T–18.65 10–34 American eel 0.49 ± 0.66 
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Table 2.3. Summary of isotope data for each temperature treatment containing 30 eels. The 
33.8oC temperature treatment contains 17 eels. Otolith 1ɻ8O and ɻ 13C are expressed as means ± 
95% confidence intervals, αotolith-water and ɻ 18O of the water are expressed as means. 
 

Water (oC) 1ɻ8Ootolith 1ɻ3Cotolith αotolith-water 1ɻ8Owater 

10.3 25.8 ± 0.59 –6.3 ± 1.00 1.0325 –6.58 
13.3 24.8 ± 0.24 –7.6 ± 0.45 1.0315 –6.58 
16.0 24.5 ± 0.21 –7.4 ± 0.37 1.0312 –6.52 
19.1 24.1 ± 0.16 –7.9 ± 0.43 1.0308 –6.57 
22.0 23.6 ± 0.10 –8.1 ± 0.31 1.0303 –6.50 
24.9 23.0 ± 0.09 –9.0 ± 0.32 1.0297 –6.56 
27.9 22.5 ± 0.10 –8.7 ± 0.24 1.0292 –6.51 
30.9 22.2 ± 0.12 –10.6 ± 0.45 1.0289 –6.52 
33.8 21.7 ± 0.26 –11.3 ± 0.35 1.0284 –6.55 
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Table 2.4. Summary of micro XRD results. Three targets were analyzed in one otolith from each 
temperature treatment. ‘V’ is vaterite and ‘A’ is aragonite.  
 

Water (oC) Target 1 Target 2 Target 3 

10.3 V V V 
13.3 A A A 
16.0 A A V 
19.1 V A ? 
22.0 A A A 
24.9 A A V 
27.9 V A ? 
30.9 A A A 
33.8 A A A 
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Figure 2.1. Cumulative number of eel mortalities during the experiment period by temperature 
treatment. Each treatment started with 200 eels. Different colours indicate temperature 
treatments.   
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Figure 2.2. A — Three-dimensional schematic of a whole otolith, sulcus facing away, showing B 
— the laterally-medially ground surface used for otolith height (H — yellow line) and area 
measurements, viewed in ultraviolet light, and C— the transverse cross-section of an older eel 
otolith used to determine the relationship between otolith width (W — white line) and height 
(yellow line) for estimating height using the width depicted in B (H — yellow line), viewed in 
transmitted light.   
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Figure 2.3. Relationship between specific growth rate and water temperature for A – body 
weight, B – body length, and C – otolith weight. Closed circles represent means and vertical 
lines and ticks represent ± 95% confidence intervals. Each temperature treatment contains 30 
eels, except for 34oC which contains 17 eels. Data are fitted with fourth order polynomial 
curves and equations.  
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Figure 2.4. Otolith specific growth rate by weight relative to body specific growth rate by 
weight in relation to water temperature. The dashed line represents a 1:1 ratio where otolith 
and body growth rate are the same. Values above this line indicate faster otolith growth 
relative to the body. Values below this line indicate slower otolith growth relative to the body. 
Median values are plotted as horizontal lines within boxes. Boxes encompass the 25th and 75th 
quartiles. Vertical lines with ticks indicate the 10th and 90th percentiles. Closed circles indicate 
outliers.  
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Figure 2.5. Values of ɻ18O measured in eel otoliths after 32 weeks of growth in controlled water 
temperatures. Each treatment contains the otoliths of 30 eels, except for 34oC which contained 
17 eels. Boxplots denoted by the same letters are not significantly different, as determined by a 
Tukey HSD test. Design of box plots is similar to Figure 2.4.   
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Figure 2.6. 1ɻ3C of eel otoliths after 32 weeks of growth in controlled temperature treatments, 
as listed on the x-axis. Each treatment contains 30 eels, except for the 34oC which contained 17 
eels. Boxplots denoted by the same letters are not significantly different, as determined by a 
Tukey HSD test. Design of box plots is similar to Figure 2.4.   
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Figure 2.7. Comparison of the present study American eel otolith aragonite-water and 
temperature relationship with previously reported fractionation relationships. Relationship 
between 1000lnαaragonite-water and temperature in kelvin is reported. Mean values are presented 
for each temperature treatment from the 32-week controlled experiment.    



 

 

 

 

53 

 
Figure 2.8. Relationship between 1000lnαCaCO3

-
-water and temperature of American eel otoliths 

compared to that of inorganically-precipitated aragonite (Kim et al., 2007) and vaterite (Kluge 
and John, 2015). In panels B to F, eel otoliths are corrected to “pure aragonite” values based on 
hypothetical otolith compositions of 5, 10, 20, 50, and 100% vaterite. Corrected values are 
estimates of the 1000lnαotolith-water had the otoliths been composed of 100% aragonite. 
Corrections are based on an ɻ 18O difference of +1.5 between aragonite and vaterite.  



 

 

 

 

54 

 

Figure 2.9. 1000lnαaragonite-water values of American eel otoliths compared with previously 
reported values from other fish species, by temperature (oC). Arctic charr and Brook charr 
(Storm-Suke et al., 2007) are only reported as mean values according to capture location. The 
Arctic charr, Brook charr, Sculpin, Lake trout, Dace, Lake chub, and Freshwater drum are field-
captured. The American eels, Guppy, Atlantic croaker, and artificial aragonite are reared in 
laboratory controlled conditions.    
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Figure 2.10. Difference between temperature estimated using ɻ 18O of individual otoliths and 
water temperature measured from tanks (predictive error) regressed against percent growth of 
the otolith by volume (%). Rearing temperature is indicated using different colors.   
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Figure 2.11. Proposed protocol for isolating the freshwater portion of an American eel otolith 
and using ɻ18O to estimate the temperature at which that fish lived.  



 

 

 

 

57 

Chapter 3 

Empirical measurement of the diet signal in δ13C of American eel otoliths  

Abstract 

Stable carbon and nitrogen isotopes of soft tissues, such as muscle, are regularly used in 

fish ecology studies as indicators of feeding environment (base food web source) and trophic 

level. Otoliths are a promising alternative tissue for diet studies because they record a longer-

term record of ɻ 13C. Yet, establishing how to interpret a clear diet signal from 1ɻ3C of otoliths 

has been difficult because otoliths derive carbon from both diet and dissolved inorganic carbon 

(DIC) in water. Here, we isolate the ɻ13C contribution of diet through a 24-week laboratory 

study of 80 American eel elvers fed four isotopically distinct diets, maintained at 28oC and a DIC 

of –1.6‰. We then compare otolith ɻ13C with paired muscle ɻ 13C and ɻ 15N. The full range of 

1ɻ3C across diet treatments was accurately reflected in otoliths and confirmed by muscle. Diet 

contributed 40–47% of the total ɻ13C of otoliths. Otoliths were enriched in 13C relative to 

muscle by 13.2‰. The ɻ 13C and ɻ 15N of muscle separated eels into isotopically distinct clusters 

by diet treatment with no overlap between groups. Eel muscle was enriched in 15N relative to 

diet, on average, by 4.0 ± 1.5‰. However, eels fed daphnia grew to the smallest body size and 

had abnormally high 15N and 13C-enrichment from diet to muscle (11.6‰ and 5.1‰), which 

indicated nutritional stress and recycling of internal energy reserves. Within the scope of this 

controlled experiment where DIC was constant, otoliths accurately reflected 1ɻ3C of diet, 

regardless of diet quality, and diet contributed almost half of the 1ɻ3C to otoliths. 

Introduction 
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In the present study, we quantify the influence of diet on 1ɻ3C of otoliths by studying 

American eels grown under controlled laboratory conditions. Here we compare paired stable 

carbon isotope compositions of muscle and otoliths with measured ɻ 13C of prey items to 

validate the use of otoliths as indicators of diet history.  

Shifts in diet can have dramatic effects on species abundance because diet influences 

growth rate, maximum potential size, quality of reproductive organs, survival, and ability to 

migrate and spawn. Shifts in diet are increasingly of concern because they can be caused by 

anthropogenic effects such as invasive species, pollution, and climate change. Introduction of 

invasive species commonly causes changes in community composition and food availability. For 

example, in Lake Ontario, Lake whitefish (Coregonus clupeaformis) began feeding on invasive 

Dreissena species following the decline of their primary food source, the native amphipod 

Diporeia. This shift in diet caused a decline in whitefish body condition and subsequent 

population decline (Hoyle et al., 2008). Anthropogenic pollution can also cause substantial 

changes in prey availability and overall food web dynamics. Long-term dietary records of 

isotopes from a guano deposit indicate that chimney swifts (Chaetura pelagica) shifted from 

consuming calorie-rich beetles to lower caloric value true bugs, after increased DDT use in the 

1940s depressed beetle populations (Nocera et al., 2012). This shift in prey availability had 

nutritional consequences for the chimney swifts, which may have caused their population 

decline. Of particular importance, climate change has created shifts in plankton communities 

and food web structures globally (Karl et al., 2001). Water temperature increases since the 

1980s are estimated to have caused a 6% decrease in global primary production (Gregg et al., 
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2003), creating bottom-up effects on food webs. Increases in water temperature with climate 

change can also result in stronger year classes of warmwater fish species, causing changes in 

community structure and prey availability in relation to temperature (Casselman et al., 2002).  

Diet and prey availability are critically important in understanding and predicting changes 

in species abundance, emphasizing the importance of developing accurate and reliable 

methods to trace diet. When samples are available, analysis of stomach contents can provide a 

“snapshot” of an individual’s diet. Such samples, however, only reflect a fish’s most recent 

meal, which is not necessarily representative of overall diet, particularly for generalist species. 

Combining the stomach content data of multiple fish of the same species, after controlling for 

size and age, can provide a more comprehensive understanding of diet. Some prey items, 

however, are assimilated too quickly to be found in stomach content analyses, while others 

such as bones, carapaces, and scales cannot be assimilated at all, causing them to appear 

disproportionately represented (Michener and Shell, 1994).  

When examining long-term trends, stable isotopes can provide a dietary archive on a 

larger temporal scale and yield insight into possible food web shifts. In particular, stable 

isotopes can provide lifetime records of diet, thus providing a powerful alternative to 

traditional methods. Nitrogen isotopes (15N:14N) are generally enriched by 3–4‰ from prey to 

consumer tissues, enabling soft tissue to serve as an indicator of the trophic level in which an 

animal is feeding (DeNiro and Epstein, 1981; Minagawa and Wada, 1984; Vander Zanden and 

Rasmussen, 2001). Carbon isotopes (13C:12C) in soft tissue reflect the ɻ13C of primary producers 

at the base of the food web with only small 13C-enrichments from lower to higher trophic levels 
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(DeNiro and Epstein, 1978; Checkley and Entzeroth, 1985; Peterson and Fry, 1987; Post, 2002). 

Typically, ɻ13C in an animal’s soft tissue is enriched by 0 to +1‰ relative to food items (DeNiro 

and Epstein, 1978; Peterson and Fry, 1987), although more recent studies report slightly larger 

mean enrichments of +1.5‰ (Sweeting et al., 2007; Nelson et al., 2011) and +2‰ (Darnaud et 

al., 2004; Barnes et al., 2007). Values of ɻ13C can therefore be used as an indicator of the 

feeding environment, for example, to distinguish consumption of aquatic versus terrestrial 

prey, or pelagic versus benthic prey.  

Isotope compositions can be measured for virtually any animal tissue, but differences in 

metabolic properties, tissue turnover rate, and temporal window must be taken into 

consideration when selecting a material for analysis. Within a single organism, there is isotopic 

variation among different tissues, although tissues often correlate with one another (Elsdon et 

al., 2010; Gerdeaux and Dufour, 2015). Different tissues have different molecular and 

elemental compositions, which create differences in mode of growth and turnover time. 

Metabolically active tissue, such as hair, skin, liver, and muscle, contain a mixture of old and 

newly formed proteins and lipids that are subject to constant turnover. Calcified tissues, such as 

bone, tooth enamel, and otoliths (typically aragonite) are composed of minerals and proteins, 

are generally metabolically inactive once formed, and exhibit accretionary growth (Campana, 

1999). Consequently, calcified tissues record material formed in chronological order (Dalerum 

and Angerbjörn, 2005). The temporal window, or time period, represented by a tissue is related 

to the type of growth and turnover rate. The metabolic turnover rate of muscle is 4–6 months, 

making it a relatively short-term indicator compared to calcified structures such as otoliths, 
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which grow continuously and are metabolically inert once deposited (Campana, 1999; Panfili et 

al., 2002). In addition, soft tissue must be either frozen or stored in alcohol and does not 

preserve well during long-term storage, whereas otoliths are easy to preserve because they can 

be stored dry and are resistant to decomposition and isotopic alteration over time. Otoliths 

have even preserved across epochs such that the isotopic composition of samples from as early 

as the Jurassic Period have been successfully measured (Patterson, 1999). Thus, archived 

otoliths can be useful for examining food web responses to past ecosystem shifts when soft 

tissue is not available. 

Despite the widespread use of otoliths in fisheries studies, there is still considerable 

uncertainty surrounding the relationship between diet and 1ɻ3C of fish otoliths because of the 

influence of other possible factors. Some studies have found there is a significant relationship 

between diet and ɻ13C of otoliths (Radtke et al., 1996; Elsdon et al., 2010). Others have 

concluded that ɻ13C of otoliths is primarily derived from dissolved inorganic carbon in ambient 

water (DIC) (Kalish, 1991b; Weidman and Milner, 2000; Høie et al., 2003; Solomon et al., 2006; 

Tohse and Mugiya, 2008), while more recent studies have found that metabolic rate, or 

swimming activity, has an effect on ɻ13C (Sherwood and Rose, 2003; Dufour et al., 2007). The 

amount of isotopic variation arising from all three parameters (DIC, diet, and metabolism) may 

also cause the ɻ13C of otoliths and diet to appear unrelated (von Biela et al., 2015).  

The American eel is an ideal species for exploring stable isotopes of otoliths as a tool to 

study diet because it is an extreme example of a complex life cycle, wide species distributional 

range involving the use of several different habitats, and large variation in diet across life stages 
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(Jacoby et al., 2015). The species has evolved to survive in a broad range of environmental 

conditions, making it ideally suited to be used in controlled rearing experiments with a wide 

range of variables. Although it is exceptionally resilient, the American eel has experienced a 

precipitous decline in recent decades (Richkus and Whalen, 2000; Dekker et al., 2003; Dekker 

and Casselman, 2014), and in 2014, it was placed on the International Union for Conservation of 

Nature (IUCN) Red List of endangered species (Jacoby et al., 2017).  

The global synchronous decline of several species of freshwater eels suggests that a 

common factor was involved, such as climate change (Bonhommeau et al., 2008). This could 

potentially affect food availability for eels at all life stages. For example, in the Sargasso Sea 

spawning grounds, changes in spring mixed layer depth, wind speed and direction, and a 

reduction in the occurrence of eddies have resulted in changes in nutrient cycling dynamics and 

primary production, thus reducing food availability to larval eels, or leptocephali (Knights, 2003; 

Friedland et al., 2007; Bonhommeau et al., 2009). Climate-induced fluctuations in food 

availability for eel larvae in the spawning grounds are strongly positively correlated with 

variations in recruitment between years (Bonhommeau et al., 2008). The American eel, 

however, has a complex life cycle, involving the use of several different habitats, making it 

difficult to understand which environments may be experiencing limitations in food availability.  

In the northern extremity of the species range (upper St. Lawrence River and Great Lakes 

region), the American eel has declined to the point where there are no longer abundant wild 

eels available for study (Castonguay et al., 1994b; Casselman, 2003; Casselman et al., 2013). 

Archived historical otoliths are the principal source of wild eel samples. To understand long-
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term trends and factors that may have influenced the decline, these archived otoliths may be 

an important tool that is still available. Consequently, this study’s purpose to test the validity of 

1ɻ3C in American eel otoliths as a tool to examine long-term trends in diet. 

Here we investigate the influence of diet on 1ɻ3C of otoliths by studying eels grown in a 

controlled laboratory feeding study. A crucial requirement for isotope tracing studies of diet is 

that input sources must have large isotope differences. By feeding fish prey items from three 

distinct trophic levels, at a constant DIC, this study determines the full range of ɻ 13C of otoliths 

that can be attributed to diet alone. In addition, compositions of ɻ 15N in prey items and eel 

muscle are used to identify differences in trophic level. Compositions of 1ɻ3C measured from 

prey items and eel muscle provide the ɻ 13C source input from diet. The relationship between 

1ɻ3C of otoliths and ɻ 13C of muscle is used to validate the use of otoliths as diet indicators. 

Somatic and otolith growth data at the end of the experiment provide additional insight into 

the effect of growth rate and diet type on the isotopic composition of otoliths and muscle.  

Materials and Methods 

All work complied with Canadian Council on Animal Care (CCAC) guidelines and was 

performed in accordance with permits issued by the Queen’s University Animal Care 

Committee (UACC protocol #100593, Casselman-2011-028, Renewal 1416).  

Capture and Holding of Eels 

Glass eels were captured in the St. Croix River, New Brunswick, Canada, in late May 2014, 

then held at 10oC, unfed, for three days. All eels were provided gratis by Brunswick Aquaculture 

Ltd. Upon arrival at the Queen’s University Biology Department Aquatic Facility in Kingston, 
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Ontario, Canada, all eels were immersed in a static formaldehyde bath to prevent white spot 

disease, or infection of the protozoan ectoparasite Ichthyophthirius multifiliis, using procedures 

outlined in Chapter 2. Eels were then divided equally between four 39-L flow-through 

rectangular tanks and held at 21oC for eight weeks. Eels were fed Otohime larval feed mixed 

with Chironomids (bloodworms) during the holding period (referred to as the reference diet 

during the experiment, described below).  

Initial Subsample of Eels 

At the end of the eight-week holding period, when the experiment began, 180 eels were 

randomly subsampled and euthanized using 400 ppm tricaine methanesulfonate (MS-222, Aqua 

Life TMS Syndel) to provide a record of baseline condition of eels entering the experiment, 

including the holding period. The mean body weight of the initial subsample was 0.16 ± 0.01 g 

(mean and 95% confidence interval) and total length was 59.6 ± 0.74 mm. Sagittal otoliths were 

removed under a dissecting microscope and cleaned of the membrane, soft tissue, and mucus 

by dragging them across an 800-grit silicon carbide grinding paper (Buehler), then washing 

them in 80% ethanol and distilled water. The dried otoliths were placed inside folded parafilm 

(Parafilm M, Bemis), and stored in microcentrifuge vials for later analyses.  

Otolith Marking 

To indicate the start of the experiment in the otolith, live eels were marked by immersion 

in a solution of 4 L of water containing 5% sodium chloride and 3% oxytetracycline 

hydrochloride (OTC, Liquimycin LA-200, Pfizer), using a procedure modified from Simon and 
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Dorner (2005) and Threader et al. (2010). The immersion time was 15 minutes at 22oC, and eels 

were treated in batches of approximately 500.  

Rearing Conditions 

Eels were randomly distributed into four 39-L (51 × 25.5 × 31.5 cm) rectangular tanks 

filled with 32 L of dechlorinated water, tightly fitted with silicone-sealed plexiglass lids with 

removable feeding and cleaning hatches. Initially 140 eels were placed in each tank. Oxygen 

saturation was maintained between 80–100% using air stones. The measured pH was 8.0. Black 

PVC plastic pipes (6 cm diameter, 30 cm length) were placed in each tank to provide cover. 

Tanks were cleaned every second day using a small brush and gravity-siphon. Standpipe screens 

were cleaned every 12 hours and rinsed in hot water to remove organic buildup and prevent 

tank overflows. Fluorescent ceiling lights were covered with yellow filters to reduce light levels 

and programmed on a 12-hour light/dark cycle. Tanks were covered with orange garbage bags 

(Glad Easy-Tie) to further reduce light levels and also help reduce visual disturbance from 

people entering the room. Tanks were inspected for dead eels every 12 hours; dead fish were 

immediately removed, weighed, measured, and stored in 80% ethanol.  

The experiment was conducted at 28oC, the optimum temperature for somatic growth as 

determined in previous controlled-temperature rearing experiments (Chapter 2). Water 

temperature was maintained using digital mixing valves (Hass Manufacturing Intellifaucet 

K250), which dispersed dechlorinated water into 62.5 L header tanks that was then gravity-fed 

into tanks containing eels at a rate of 1.2 L/minute. Temperature loggers (HOBO UTBI-001 

TidbiT v2 Temperature Data Logger, Onset) were programmed to record water temperature 
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every minute and placed in the bottom of each rearing tank. Mean water temperature, as 

measured by the in-tank temperature loggers, was 27.9oC in the daphnia treatment, and 27.8oC 

in the fish, crayfish, and reference diet treatments. As a cross check, temperature was also 

recorded using a glass handheld thermometer every 12 hours. 

Diet Treatments and Feeding Regime 

Eels were fed four isotopically distinct diets (Table 3.1), which included three 

experimental diet treatments and one reference diet. The reference diet consisted of equal 

quantities of Otohime Larval Fish Food B1, B2, and C2 (Marubeni Nisshin Feed Co., LTD, full 

composition and ingredients are listed in Appendix A), mixed with frozen Chironomids cut into 

1–2 mm pieces (Hikari Bio-pure) to form a consistency of hard dough. The ratio of Otohime to 

Chironomids, by wet weight was ~40:60, and the dry weight ratio was ~92:8. Daphnia were 

purchased frozen in cubes. Cubes were weighed, thawed, then dropped into eel tanks. Crayfish 

were captured live from an inland pond in Hartington, Ontario, at the beginning of the 

experiment, then frozen until used. Muscle from the crayfish tail was removed using a scalpel 

and minced into 1–2 mm pieces (small enough to match the gape size of eels in the 

experiment). Fish were captured in the upper St. Lawrence River. Only minnows, Golden 

shiners, and small Yellow perch were used to ensure fish were from a similar trophic level. Fish 

were prepared by removing the head, viscera, scales, and skin. Muscle was then “scored” into 

small squares (approximately 1 mm) so that eels could easily tear muscle away from the 

carcass.  
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To ensure ad libitum feeding, eels were fed ~8% of their body weight every 12 hours 

(~16% per day), between 8 to 9:30 am and 8 to 9:30 pm. This was more than twice the amount 

fed in previous experiments involving anguillid species where eels were fed 7.5% total body 

weight per day (Degani et al., 1988), 1.3–3.9% body weight per day (Seymour, 1989), 1–3% 

biomass per day (Heinsbroek, 1991), and 4% body weight per day (Huertas and Cerda, 2006). 

Food quantity was adjusted throughout the experiment to maintain ad libitum feeding 

conditions as eel biomass increased.   

Mortality  

Cumulative mortality across treatments was generally low because eels were held for 

eight weeks before the experiment began, making them older and habituated to feeding in a 

laboratory environment. Mortality was highest when eels were fed fish (20% compared to <6% 

in the other two diet treatments and reference diet). Typically, eels at this early life stage would 

not consume fish in the natural environment, which could suggest that fish is not a suitable 

nutritional source for eels of this size.  

Termination of the Experiment 

The experiment duration of 24 weeks was chosen to allow for the full isotopic turnover of 

muscle, which is ~4–6 months. This duration also allowed the otoliths to grow large enough to 

take on the isotopic signature of the controlled diet, particularly for the treatments where eels 

remained small. At the end of 24 weeks, eels were humanely euthanized, measured and 

weighed, and otoliths removed fresh and stored dry using the same methods described for the 

initial subsample. After otolith removal, eels were frozen until muscle could be removed and 
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prepared for isotopic analysis. A random number generator in R was used to subsample 20 eels 

for measurement of ɻ18O and ɻ 13C of otoliths from each diet treatment, the reference diet, and 

the baseline initial subsample. Ten eels were then subsampled from each group of twenty for 

analysis of ɻ13C and ɻ15N of muscle, to ensure paired otolith and muscle values came from the 

same fish. After being stored dry, left and right sagittal otoliths were desiccated for 48 hours 

and weighed to the nearest 0.0001 mg several times to ensure consistency (Sartorius MSA6.6s-

000-DM Cubis Micro Balance). Right otoliths were used for isotopic analysis and left otoliths for 

growth measurements.  

Stable Isotope Analysis 

The stable isotope compositions of otoliths, muscle, diet items, and tank water were 

determined using continuous-flow stable isotope mass spectrometry (Thermo-ScientificTM 

DeltaPlus XP Continuous-Flow (CF) Stable Isotope Ratio Mass Spectrometer (IRMS)) at the 

Queen’s Facility for Isotope Research (QFIR) in Kingston, Ontario. Isotope ratios were expressed 

in parts per thousand (‰) and reported using the delta notation ()ɻ: 

‏
Ὑ Ὑ

Ὑ
 

where R is the ratio of the heavy isotope (e.g. 18O) to the light (e.g. 16O) isotope.  

Values of ɻ 18O were expressed relative to Vienna Standard Mean Ocean Water (VSMOW), 1ɻ3C 

relative to Vienna Pee Dee Belemnite (VPDB), and 1ɻ5N relative to atmospheric nitrogen (AIR).  

Measurement of δ18O and δ13C of Otoliths  

Otoliths were placed in borosilicate vials and flushed with helium to remove atmospheric 

CO2. Each otolith was then dissolved in 100% anhydrous phosphoric acid at 72oC, releasing CO2 
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gas, which was analyzed for the ratios of 18O to 16O and 13C to 12C using a Thermo-ScientificTM 

GasBench II coupled to an IRMS. Methods outlined in Chapter 2 for CO2 gas concentration and 

extraction of small samples were used to avoid pooling otoliths from multiple fish. 

The ɻ 18O and ɻ 13C of otoliths were calibrated to Vienna Standard Mean Ocean Water 

(VSMOW) and Vienna Pee Dee Belemnite (VPDB) using international standards NBS 19 

(accepted values: ɻ18O = +28.65‰, 1ɻ3C = +1.95‰) and NBS 18 (accepted values: ɻ18O = +7.2‰, 

1ɻ3C = –5.01‰). DOL2, a secondary internal laboratory standard made from dolomite, was used 

to test the calibration (accepted values: 1ɻ8O = +22.2‰, 1ɻ3C = +1.1‰). Reproducibility for NBS 

19 was ± 0.26‰ for 1ɻ8O and ± 0.16‰ for 1ɻ3C (n = 24). Reproducibility for NBS 18 was ± 

0.13‰ for 1ɻ8O and ± 0.08‰ for 1ɻ3C (n = 7). Results for DOL2 were: ɻ 18O = +22.4 ± 0.28‰, and 

1ɻ3C = +1.1 ± 0.28‰ (n = 11), which compare well with its accepted values. Because otoliths 

were analyzed whole, and not homogenized, we could not analyze duplicates of the same 

sample. Instead, repeated measures of standards were used to assess reproducibility. 

Measurement of δ13C of DIC in Tank Water  

To measure the ɻ13C of DIC in the tank water, samples were drawn in December 2018 

from the six hot and cold output pipes in the room where the experiment took place. Sampling 

vials and a glass beaker were rinsed three times before each sample was drawn. Sampling vials 

were filled with water, and to prevent air bubbles in the sample, caps were screwed on while 

submerged in a glass beaker of the same water. A syringe was then used to transfer 2 ml of 

each water sample into sealed vials containing 1 ml of 100% anhydrous phosphoric acid; the 

vials had been previously flushed with helium. Vials were left to equilibrate at 72oC for two 
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hours. Once equilibrated, the resulting CO2 was analyzed using a Thermo-ScientificTM GasBench 

II coupled to an IRMS.  

Accuracy and precision of the ɻ13C analyses were monitored using international reference 

material NBS 19 and secondary laboratory standards SrCO3 and MBO3. The mean ɻ13C obtained 

for NBS 19 was +1.9 ± 0.3‰ (n = 3), MB03 was –5.8‰ (n = 2), and SrCO3 was –33.9‰ (n = 2), 

which compare well with their accepted values of +1.95‰, –5.7‰, and –33.7‰, respectively.  

Measurement of δ13C and δ15N of Muscle and Diet Items 

Muscle samples and diet items were placed in glass containers and freeze-dried for 48 

hours. After freeze drying, all material was homogenized into a fine powder in a mortar and 

pestle in the presence of liquid nitrogen. Homogenized samples were weighed into tin capsules 

at ~0.3 to 0.4 mg and then combusted in a COSTECH ECS 4010 Elemental Analyzer (EA). The 

resulting gas was swept by He in continuous-flow mode to an IRMS. 

 Accuracy and precision of the ɻ13C analyses were monitored using international 

reference material NBS 21 and secondary laboratory standards UC1 and COW1. The mean ɻ 13C 

obtained for NBS 21 was –28.2 ± 0.22‰ (n = 6), which compares well with its accepted value of 

–28.1‰. The mean ɻ 13C obtained for UC1 of –25.7‰ (n = 2) and for COW1 of –13.1‰ (n = 2) 

also compare well with their accepted values of –25.8‰ and –13.2‰ respectively. Duplicate 

1ɻ3C analyses of muscle samples (n = 7) differed, on average, by 0.08‰. Replicate analyses (n = 

15) of an internal laboratory standard (EELSTD12) had a precision of ± 0.28‰ (mean 1ɻ3C: –

24.9‰).     
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 Accuracy and precision of the ɻ15N analyses were monitored using international 

reference material NIST 8551 and a secondary laboratory standard, QKNO3. The mean ɻ 15N 

obtained for NIST 8551 was +53.3 ± 0.21‰ (n = 5), which compares well with its accepted value 

of +53.5‰. The mean ɻ 15N obtained for QKNO3 was +4.8‰ (n = 1), which compares well with 

its accepted value of +4.9‰. Duplicate 1ɻ5N analyses of muscle samples (n = 7) differed, on 

average, by 0.09‰. Replicate analyses (n = 15) of an internal laboratory standard (EELSTD12) 

had a precision of ± 0.20‰ (mean 1ɻ5N: +11.4‰).     

Growth Rate of Body and Otoliths 

The specific growth rate of each eel by body weight, body length, and otolith volume 

was calculated using equation 2.5.  

Otolith Volume Calculations 

The American eel has a complex life cycle that currently precludes laboratory hatching. 

Consequently, all eels used in this experiment were wild-captured and the otolith inevitably 

contained some history of previous growth. Following methods detailed in Chapter 2, 

proportional weighting of individual otoliths by volume was used to correct the isotopic 

composition of the otolith to that arising only from growth under controlled conditions. The 

initial subsample of eels, taken before the start of the experiment, provided otoliths for which 

1ɻ8O and ɻ 13C of “wild” growth could be measured.  

To measure volume, left otoliths were mounted on glass slides with cyanoacrylate (Krazy 

GlueTM) using methods outlined by Stevenson and Campana (1992). Once mounted, whole 

otoliths were laterally-medially ground on one side using dry 400 grit Buehler silicon carbide 
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paper, followed by polishing with dry 800 grit paper. Ground and polished otoliths were then 

viewed at 40×, 100×, and 200× magnification (Olympus BH2-RFCA) and photographed under 

ultraviolet and transmitted light. ImageJ software (Rasband, W.S., ImageJ, U. S. National 

Institutes of Health, https://imagej.nih.gov/ij/, 1997–2017) coupled with a Wacom CTH470M 

Bamboo Capture Pen Tablet was used to digitally trace and measure the width, height, and area 

of the whole otolith and otolith up to the tetracycline label using these images. 

 Volume of the whole otolith and otolith up to the tetracycline label was calculated using 

equation 2.3. Volume estimates were used to proportionally weight isotope compositions of 

the whole otolith and the otolith portion formed during the experiment period using a mass 

balance equation (equation 2.4).  

Percentage contribution of diet 

The following equation was used to estimate the relative contributions of 1ɻ3C from diet 

versus DIC to the ɻ13C of the whole otolith.   

‏ ὅ ὓ‏ ὅ ‐ ρ ὓ ‏ ὅ ‐         ὉήȢσȢρ  

where ɻ 13Cotolith is the measured ɻ13C of the otolith; 

M is the proportion of ɻ13C derived from diet; 

1ɻ3Cdiet is the measured ɻ13C of the diet; 

εotolith-diet is the isotopic enrichment factor between diet and the organic matrix of an otolith (a 

mean of 0.17‰ is used, as determined for Atlantic cod otoliths by Grønkjaer et al., 2013); 

1ɻ3CDIC is the measured ɻ13C of the dissolved inorganic carbon, and 
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εHCO3
-
-aragonite is the isotopic enrichment factor between HCO3- and aragonite (a value of 2.9‰ at 

25oC is used, as determined for aragonite by Romanek et al., 1992), with the assumption that 

<1% of the DIC is CO2, rendering εCO2-aragonite negligible. The total ε (εHCO3
-
-aragonite + εCO2-aragonite) 

would increase slightly if some of the carbon is present as CO2, but generally less than 1% of DIC 

is in the form of dissolved CO2. If a range of 1 to 10% CO2 contribution to DIC is theoretically 

calculated using εCO2-aragonite of 10.9‰ at 25oC, (Romanek et al., 1992), the total ε increases from 

2.9 to 3.7. When M is recalculated using a total ε of 3.7 (theoretical 10% CO2 contribution), the 

percentage contribution of ɻ13C from diet versus DIC to the 1ɻ3C of the otolith increases by 1.2, 

1.4, 2.2, and 1.8% in the daphnia, crayfish, fish, and reference diet treatments respectively.  

Statistical Analysis 

All statistical analyses were conducted in R (version 3.4.1, R Development Core Team, 

2017). Figures were created using SigmaPlot 11.0.  

Results 

Isotopic composition of diet treatments 

A comparison of diet items among treatment groups revealed mean 1ɻ5N differences of 

greater than 3.4‰, confirming that the experimental diet treatments differed in trophic level 

(Table 3.1). Mean ɻ 13C of diet items increased across treatments (as trophic level increased) 

with a range of –30.9 to –19.6‰ (Table 3.1). The reference diet, which contained Chironomids 

(bloodworms) and a pellet mixture of both plant and animal material (Otohime), had an 

isotopic profile that was intermediate to the three experimental diets.  
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δ13C of otoliths 

There was a significant difference in ɻ 13C of otoliths between all diet treatments, 

including the reference diet, at the end of the 24-week experiment (one-way ANOVA, F3 = 

220.19, p < 0.05. TUKEY HSD, p < 0.05 for all comparisons, Figure 3.1, Table 3.2). To confirm that 

otoliths acquired the isotopic signature of experimental conditions, 1ɻ3C of otoliths from the 

end of the 24-week experiment was compared with otoliths subsampled before the start of the 

experiment. There was a significant difference between 1ɻ3C measured in otoliths at the start of 

the experiment (baseline) and end of experiment, within each diet treatment, except for the 

fish treatment (one-way ANOVA, F4 = 253.39, p < 0.05. TUKEY HSD, fish: p = 0.10, all other 

comparisons: p < 0.05).  

δ18O of otoliths 

To help assess that environmental conditions in the rearing tanks, such as water 

temperature and water ɻ18O were held constant for the duration of the experiment, 1ɻ8O in eel 

otoliths was also measured. Mean ɻ18O in eel otoliths at the end of experiment was generally 

similar among diet treatments, but otoliths of eels fed the reference diet were significantly 

different than the daphnia and fish treatments (one-way ANOVA, F3 = 5.07, p < 0.01. TUKEY 

HSD, daphnia–reference diet p < 0.01, fish–reference diet p < 0.01, Table 3.2). Despite showing 

some significant differences in the reference diet, the mean range of 1ɻ8O of otoliths across the 

entire experiment was only 0.6‰. The ɻ 18O in eel otoliths at the end of the experiment was 

significantly different than eels from the start of the experiment, indicating eels had taken on 

the isotopic signature of the controlled environment (ɻ 18O of ambient water) during the 24-
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week experiment period (one-way ANOVA, F4 = 136.38, p < 0.05. TUKEY HSD between baseline 

and each diet treatment p < 0.01).  

Relative contribution of diet to the δ13C of an otolith 

The ɻ 13C of each diet (Table 3.1) and mean ɻ13C of the dissolved inorganic carbon (DIC) of 

the water (–1.6 ± 0.44‰) were used to estimate relative contribution to the 1ɻ3C of each 

otolith. The relative contribution of diet to ɻ13C of otoliths was 47% in the daphnia treatment, 

45% in the crayfish treatment, 40% in the fish treatment, and 41% in the reference diet.  

Isotopic composition of eel muscle 

There was a significant positive correlation between 1ɻ3C and ɻ15N of eel muscle across 

diet treatments at the end of the experiment (Pearson correlation, p < 0.05, R = 0.51, df= 47, 

Figure 3.2). Individually paired ɻ13C and ɻ15N of eel muscle from the three diet treatments and 

reference diet separated into isotopically distinct clusters. 

A discriminant function analysis differentiated eels into treatment groups based on ɻ13C 

and ɻ 15N of muscle with no overlap between groups. The classification function derived from 

the discriminant function analysis, using 1ɻ3C and ɻ15N, yielded a misclassification rate of 0%. 

When the jackknife method of sequential removal of individual data points was used, the 

misclassification rate remained at 0%. Mahalanobis distances were then calculated for each 

treatment group to determine the distance from individual values to the centroid of each 

cluster. The crayfish diet treatment had the shortest mahalanobis distances (mean and 95% CI: 

1.69 ± 0.25), meaning it had the smallest amount of variance, while the reference diet 
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treatment had the largest mean mahalanobis distances (2.15 ± 1.60). Daphnia and fish diet 

treatments showed intermediate distances (1.83 ± 1.17 and 2.13 ± 0.39 respectively).     

Follow-up univariate one-way ANOVAS showed a statistically significant difference in 1ɻ5N 

between fish from different diet treatments (F3 = 232.23, p < 0.01, Table 3.2). There was also a 

significant difference in ɻ13C of muscle of eels from different diet treatments (F3 = 533.60, p < 

0.01, Table 3.2). Tukey post-hoc tests showed significant differences among all four diet 

treatments (p < 0.05 for all comparisons).  

Relationship between eel otoliths and muscle δ13C 

There was a significant positive relation between 1ɻ3C of otoliths and muscle tissue within 

individual fish across diet treatments (Pearson correlation, p < 0.05, R = 0.812, df = 48, Figure 

3.3). A discriminant function analysis differentiated eels into treatment groups using 1ɻ3C of 

both otoliths and muscle with no overlap between groups. The classification function derived 

from the discriminant function analysis yielded a misclassification rate of 0%. When the 

jackknife method of sequential removal of individual data points was used, the misclassification 

rate remained at 0%. Mahalanobis distances were calculated for each treatment group to 

determine the distance from individual values to the centroid of a cluster. The reference diet 

treatment had the shortest mahalanobis distances (mean and 95% CI: 0.50 ± 0.12), meaning it 

had the smallest amount of variance, while the daphnia treatment had the largest mean 

mahalanobis distances (2.88 ± 1.60). Crayfish and fish diet treatments showed intermediate 

distances (2.54 ± 0.59 and 1.88 ± 0.24 respectively).   
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When the 13C-enrichment from prey items to otoliths and muscle was compared across 

diet treatments, otoliths had much higher ɻ13C compared to muscle (Figure 3.4), as is typical for 

organic-inorganic components of biogenic carbonate (Radtke et al., 1996; Gauldie, 1996; 

Nelson et al., 2011; McMahon et al., 2011). Changes in ɻ13C of otoliths and muscle generally 

followed changes in prey ɻ13C. When the difference in enrichment in 13C from prey to otolith 

and prey to muscle were compared (distance between closed and open circles, Figure 3.4), 

however, there was a significant difference between all treatments except for the crayfish and 

reference diet (one-way ANOVA; F3 = 39.53, p < 0.01. TUKEY HSD crayfish–reference diet p = 

0.99, all other comparisons p < 0.05).  

When 13C enrichment between prey and otoliths was compared across diet treatments, 

only the fish treatment was significantly different than the other treatments (one-way ANOVA; 

F3 = 62.65, p < 0 .01. TUKEY HSD fish–crayfish p < 0.01, fish–daphnia p < 0.01, fish–reference p < 

0.01, all other comparisons p > 0.05). When 13C-enrichment between prey and muscle was 

compared across diet treatments, there were significant differences between all comparisons 

(one-way ANOVA; F3 = 315.47, p < 0.01. TUKEY HSD all comparison p < 0.01). Hence, otoliths 

appear to reflect the carbon isotope composition of diet more consistently than muscle. 

Eel muscle was enriched in 15N relative to diet in all treatments; the largest enrichment 

occurred in eels that were fed daphnia (mean and SD, +11.6 ± 0.36‰). Eels fed crayfish were 

enriched by +1.7 ± 0.26‰, eels fed fish were enriched by +1.3±0.34‰, and eels fed the 

reference diet were enriched by +0.8 ± 0.55‰.   
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Evaluations of otolith and somatic growth  

Specific growth rate in body weight was significantly different between the four diet 

treatments (one-way ANOVA, F3 = 65.64, p < 0.05, TUKEY HSD; p < 0.05 for all comparisons, 

Figure 3.5A). Eels that were fed daphnia had the lowest specific growth rate and had the 

smallest final body size, followed by eels that were fed fish, and then eels fed the reference diet 

(body weight means and 95% CI: 0.37 ± 0.12 g, 1.52 ± 0.62 g, 2.87 ± 0.56 g respectively). Eels 

that were fed crayfish had the highest specific growth rate and attained the largest final size 

(6.53 ± 1.44 g). 

Otolith specific growth rate, by weight, was significantly different between diet 

treatments except for the two slowest growing treatments, daphnia and fish (one-way ANOVA, 

F3 = 27.88, p < 0.05. TUKEY HSD, p = 0.57, Figure 3.5A) and between the two fastest growing 

treatments, crayfish and reference diet (TUKEY HSD, p = 0.10, all other comparisons p < 0.01). 

Generally somatic specific growth rate was higher than otolith specific growth rate, except in 

the daphnia treatment where otolith growth was apparently decoupled from somatic growth 

and grew at a faster rate than the body (Figure 3.5A).  

A significant relationship between otolith and somatic specific growth rate, by weight, 

was found for the crayfish (Linear regression, p < 0.01, R2 = 0.30, F18 = 9.25, Figure 3.5B), fish, 

(Linear regression, F18 = 103.0, p < 0.01, R2 = 0.84) and reference diets (Linear regression, F18 = 

16.9, p < 0.01, R2 = 0.46). No significant relationship was observed for the daphnia treatment, 

where otolith growth appeared to decouple from somatic growth (Linear regression, F18 = 0.02, 
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p = 0.90, R2 = –0.06, Figure 3.5B). Otoliths of eels in the daphnia treatment were 

disproportionately large relative to the body, compared to other treatments.  

Discussion 

When eels were fed prey items from three isotopically distinct diets with ɻ 13C between –

30.9 and –19.6‰, the full spread of ɻ13C from diet was reflected in otoliths (–16.2 to –6.2‰). In 

total, diet contributed between 40–47% of the total ɻ13C in the otolith. Our results are 

consistent with previous studies that have found 1ɻ3C of otoliths to be well correlated with ɻ13C 

from diet (e.g., Radtke et al., 1996; Weidman and Millner, 2000; Elsdon et al., 2010; McMahon 

et al., 2011; Von Biela et al., 2015). The relative contribution of diet to the ɻ 13C of otoliths, 

however, was considerably higher than values reported in other studies, which vary from ~30% 

(Kalish, 1991a; Høie et al., 2003) to 8–17% (Solomon et al., 2006; Nelson et al., 2011) to as low 

as 1–7% (Guiguer et al., 2003). The large contribution from diet that we found likely reflects the 

controlled rearing environment in which we conducted our study.   

The ɻ 13C in eel otoliths was strongly correlated with ɻ13C of muscle within individuals 

across diet treatments, indicating ɻ13C of diet was reflected in both tissues. Previous studies 

have also found a significant relationship between the 1ɻ3C of paired otolith and muscle 

samples (Elsdon et al., 2010); McMahon et al., 2011). This otolith-muscle relationship is 

particularly evident when the ɻ13C of the otolith organic matrix, consisting of amino acids 

exclusively derived from diet, is isolated (Grønkjaer et al., 2013; McMahon et al., 2011). 

Because diet fuels the growth of all tissues, there is commonly a strong correlation between the 

isotopic composition of an animal and its food source (DeNiro and Epstein, 1978; Radtke et al., 
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1996). Preferential uptake of 13C during digestion and assimilation causes organic tissues in 

animals to acquire a slightly higher 1ɻ3C than their diet (DeNiro and Epstein, 1978). Typically, a 

13C enrichment of <1 to 2‰ is expected between the food source and most body tissues 

(Vander Zanden and Rasmussen, 2001). In the present study, the average isotopic enrichment 

between prey items and muscle was +2.0 ± 0.7‰.   

As is typical for biogenic carbonates, the 13C enrichment of an otolith relative to muscle is 

considerably larger. The higher ɻ13C of otoliths compared to muscle arises because otoliths 

contain carbon obtained from multiple sources (diet, DIC in ambient water) and because of the 

much larger equilibrium isotopic fractionation between solid carbonate and dissolved oxidized 

carbonate moieties at low temperatures (Emrich et al., 1970). Previous studies report 1ɻ3C 

differences between otoliths and muscle of +15.1 to +16.9‰ (Radtke et al., 1996), +10 to +15‰ 

(Gauldie, 1996), +14.3 to +15.2‰ (Nelson et al., 2011), +10.7 to +11.5‰ (McMahon et al., 

2011). In the present study, the ɻ13C difference between otoliths and muscle was +13.2‰; an 

average enrichment of 15.2 ± 0.44‰ from prey items to eel otoliths and 2.0 ± 0.67‰ from prey 

items to muscle. Eels that were fed daphnia, however, showed markedly higher variance in the 

1ɻ3C composition of otoliths and muscle (Figure 3.3) and also considerably higher 13C-

enrichment from prey items to otoliths and muscle compared to other treatments (Figure 3.4).  

One major assumption when calculating isotopic enrichment is that the measured 

isotopic composition of the diet reflects a gross value that is entirely assimilated into the 

consumer’s tissue. In actuality, the isotopic composition of a tissue reflects only the 

constituents of diet that were used in forming that tissue, referred to as “isotopic routing” 
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(Gannes et al., 1997; Vander Zanden and Rasmussen, 2001; Kelly and Martinez del Rio, 2010). 

For example, the ɻ13C of blood cells have been found to overestimate the protein constituents 

of diet because blood is mainly comprised from proteins (Martinez del Rio et al., 2009). In our 

study, daphnia were fed as whole items, which included relatively insoluble chitin. Although 

there is some evidence that certain marine fish species can digest chitin (Gutowska et al., 

2004), it is likely that the eels mainly assimilated the other, more easily digestible, components 

of daphnia. The non-chitinous components would therefore have been underrepresented in the 

“gross” ɻ 13C measurement of daphnia, possibly explaining the larger-than-expected 13C-

enrichment from daphnia to otoliths and muscle. Similarly, the higher variance in the ɻ13C 

composition of otoliths and muscle in eels that were fed daphnia could result from individual 

differences in the digestion efficiency and isotopic routing of different constituents of the 

daphnia. In contrast, the crayfish and fish were fed to eels as pure muscle, which would make 

their “gross” ɻ 13C compositions more representative of what was assimilated into eel tissues. 

The ɻ 13C of DIC in the water used in this experiment, derived from Lake Ontario, was –

1.6‰, which generally matched previous measurements from Lake Ontario of –1.4‰ (Yang et 

al., 1996), –1.0 to +1.5‰ (Hodell et al., 1998), and –2.2 to +0.5‰ (Leggett et al., 1999). The 

1ɻ3C of DIC in lake water reflects the weighted average of contributions from dissolved 

atmospheric CO2, weathering of carbonate rock, and biogenic sources such as freshwater 

plankton and oxidation of organic matter (Hladyniuk and Longstaffe, 2015). DIC is the sum of 

inorganic species of carbon in the water, which mainly include CO2 and HCO3-. The ratio of CO2 

and HCO3- is controlled by pH, but generally <1% of DIC is in the form of dissolved CO2. The 
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enrichment in 13C from HCO3- to otolith aragonite is ~2.0 to 2.9‰ and is largely independent of 

temperature at typical surface temperatures (Kalish, 1991a; Romanek et al., 1992). Enrichment 

of 13C from dissolved CO2 to otoliths is temperature-dependent and ranges from 8.8 to 12.6‰ 

across temperatures of 10 to 40oC.  

To better understand the influence of diet on 1ɻ3C of otoliths, muscle is considered a good 

reference tissue because its carbon isotope composition is exclusively influenced by diet. In the 

present study, 13C-enrichment of muscle of eels fed the crayfish, fish, and reference diet were 

within the normal range (<2‰: +0.8‰, –0.3‰, and +1.9‰ respectively). Muscle grown by eels 

fed the daphnia diet, however, had an abnormally high 13C-enrichment of +5.1‰. Previous 

studies have found that fish muscle becomes enriched in 13C when fish are forced to use 

internal energy reserves, such as during migration and cessation of feeding (e.g. Atlantic 

Salmon, Doucette et al., 1999), but depleted of 13C with increased feeding rate (e.g. carp, Gaye-

Siessegger et al., 2004). It is possible that the daphnia were a poorer quality or nutrient-limited 

diet for eels at this life stage, which may have forced the eels to use internal lipid reserves as an 

energy source. The deficiency of a specific essential dietary nutrient has been linked to higher 

isotopic enrichment factors (Gamboa-Delgado et al., 2008). Often animals will increase their 

feeding rate to cope with a nutrient deficit, causing further metabolic cycling of non-essential 

nutrients, thus further increasing the amount of isotopic enrichment between diet and tissue.   

In our study, differences in growth rate and final otolith and body size in response to diet 

serve as an additional indicator of diet quality. Eels fed daphnia showed significantly slower 

specific growth rates than eels in other treatments and had the smallest otolith and body size at 
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the end of the experiment, indicating daphnia did not provide the energy needed for rapid 

growth. Otoliths and body typically grew proportionally, except in the daphnia treatment where 

otoliths grew at a faster rate than the body, resulting in disproportionately larger otoliths 

relative to the body compared to other treatments. Although there is typically a strong positive 

correlation between otolith and body growth, decoupling can occur in response to stress, 

during which somatic growth slows or ceases while the otolith continues to grow (Mosegaard et 

al., 1988; Campana, 1990; Secor and Dean, 1992; Otterlei et al., 2002). The decoupling of 

growth in the daphnia treatment, despite ad libitum feeding, is considered here to be evidence 

of nutritional stress.   

Nitrogen isotopes of muscle typically serve as an indicator of trophic enrichment but can 

also be used to examine starvation and diet quality. The large isotopic enrichment (+11.6‰) of 

eel muscle in the daphnia treatment reflects a much higher trophic level than their diet could 

produce, which is almost certainly an additional indicator of nutritional stress. Nutritional stress 

or starvation, either by food limitation or reduction of nutrients through a low-quality diet, can 

result in the internal recycling of nitrogen. Without the input of new nitrogen from diet, a 

starving animal must use nitrogen within its own body, which is a source of nitrogen that has 

already been enriched in 15N relative to diet (Hobson et al., 1993; Adams and Sterner, 2000). As 

available dietary nitrogen decreases, organisms are forced to rely more heavily on internal 

nitrogen resources. Hobson et al. (1993) found that 14N loss through nitrogenous waste 

excretion increases during periods of nutritional stress in birds, providing further evidence for 

isotopic enrichment associated with nutritional stress. Adams and Sterner (2000) found that 
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when the ɻ 15N of the food source was held constant and the C:N ratio of food was manipulated, 

the ɻ 15N of daphnia increased from –0.09 to +0.36‰ during 5-day starvation, concluding that 

the size of isotopic fractionation across trophic levels may depend on nitrogen availability. 

Other studies, however, suggest there may be a threshold level of nutritional stress required to 

produce detectable changes in ɻ15N composition (Kempster et al., 2007).     

Conclusions 

Otoliths record a longer-term record of ɻ 13C compared to muscle, making them a 

promising alternative tissue for diet studies. Yet, the confoundment of ɻ 13C from both diet 

and DIC in the water into the otolith ɻ 13C composition has previously cast doubt on the utility of 

otoliths to reflect a clear diet signal. We found that, in the context of this controlled rearing 

experiment, otoliths consistently and accurately reflected the ɻ 13C of diet. Otoliths even 

showed a more consistent growth response than muscle and continued to grow when body 

growth slowed or ceased. Otolith ɻ 13C composition also correlated with diet ɻ 13C, regardless of 

diet quality. Hence, otoliths appear to be a better choice of tissue for isotope studies of fish 

with reduced growth rates caused by nutritional stress or other factors. Diet only contributed 

40–47% of the total ɻ 13C of otoliths, however, which emphasizes the important caveat; an 

accurate ɻ 13C of DIC in the water is necessary to account for the other >50% of the otolith ɻ 13C 

and permit accurate interpretations of diet.  
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Table 3.1. The ɻ 13C and ɻ15N of prey items fed to eels in the controlled diet experiment 
presented as individual values and summarized with means. Isotopic compositions of the 
reference diet are presented as individual components and mixed. The calculated reference 
diet mixture isotopic composition was obtained using the dry mass ratio and proportional 
weighting of measured isotope compositions of Chironomids and Otohime B1, C2, B2. 

  

Sample Description 
 ɻ 15N  
‰ AIR 

 ɻ 13C 
‰ VPDB  

Daphnia   
     Daphnia –2.0 –30.9 
     Daphnia –1.8 –30.8 

Mean –1.9 –30.9 
Crayfish   
     Small +7.1 –27.3 
     Medium +6.9 –28.1 
     Large +5.5 –28.5 

Mean +6.5  –28.0  
Fish   
     Golden shiner +11.4 –21.3 
     Golden shiner +11.5 –18.2 
     Minnow +10.9 –21.5 
     Minnow +10.9 –19.7 

     Yellow perch +11.7 –18.9 
     Yellow perch +11.7 –18.1 

Mean +11.4  –19.6  
Reference Diet Components   
     Otohime B1 +7.9 –23.6 
     Otohime C2  +11.1 –21.8 
     Otohime B2 +9.6 –23.5 

Mean +9.5  –23.0  
     

Chironomids +15.3 –30.9 
   
Reference Diet Mixture  

     Measured                          +9.6 –24.1 
     Calculated                       +10.0 –23.6 
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Table 3.2. Summary of the isotopic compositions of otoliths and muscle of eels fed controlled 
diets of daphnia, crayfish, or fish, and a reference diet. Each diet treatment consists of otoliths 
from 20 eels and muscle samples from 10 eels (means ± 95% CI). 

Diet consumed Otoliths Muscle 
1ɻ3C 

‰, VPDB 

1ɻ8O 
‰ VSMOW 

1ɻ3C 
‰ VPDB 

1ɻ5N 
‰ AIR 

Daphnia –13.8 ± 0.63 +22.1 ± 0.32 –25.7 ± 0.44   +9.7 ± 0.26 
Crayfish –11.7 ± 0.33 +22.2 ± 0.32 –27.2 ± 0.20   +8.2 ± 0.19 

Fish   –7.1 ± 0.29 +22.0 ± 0.26 –19.9 ± 0.37 +12.7 ± 0.24 
Reference   –8.9 ± 0.34 +22.5 ± 0.18 –21.7 ± 0.27 +10.8 ± 0.35 
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Figure 3.1. 1ɻ3C of eel otoliths after 24 weeks of growth while being fed controlled diets, as 
listed on the x-axis. Each diet treatment contains 20 eels. Median values are plotted as 
horizontal lines within boxes. Boxes encompass the 25th and 75th quartiles. Vertical lines with 
ticks indicate the 10th and 90th percentiles. Closed circles indicate outliers.   
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Figure 3.2. Association of ɻ13C and ɻ15N in eel muscle measured at the end of the 24-week 
experiment 
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Figure 3.3. Association of ɻ13C in the otolith and muscle of individual fish at the end of the 
experiment. 
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Figure 3.4. Assimilation of carbon isotopes from diet to eel otoliths and muscle. Closed circles 

indicate the isotopic difference in ɻ13C between otoliths and diet of individual eels (D13Cotolith-

diet). Open circles indicate the ɻ13C difference between the muscle and diet and muscle of 

individual eels (D13Cmuscle-diet). Diet treatments are indicated on the x axis; each treatment 
contains 10 eels. 
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Figure 3.5. A — Comparison of otolith and body-specific growth rate means and 95% 
confidence intervals between diet treatments fed to eels during a 24-week period. Each 
treatment contains 20 eels. B — Relationship between specific growth rate, by weight, of 
otolith to body within individual eels at the end of the 24-week experiment. Diet treatments are 
represented using various shapes and colors. Linear regression lines are shown. The black 
dashed line shows the 1:1 growth ratio line.  
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Chapter 4 

Metabolic rate differences from long-term induced swimming have no effect on 

δ13C of otoliths in American eels  

Abstract 

Carbon isotopes of otoliths reflect a lifetime history of interaction between a fish and its 

environment because otoliths are formed by using carbon derived from dissolved inorganic 

carbon in the water and from prey items that reflect the base ɻ13C of the food web. Yet, there is 

some evidence that metabolic rate may also influence 1ɻ3C of otoliths, which, until resolved, 

sheds uncertainty on all interpretations of ɻ 13C. We manipulated swimming activity level in 

American eel (Anguilla rostrata) elvers for 20 weeks to induce a gradient of different metabolic 

rates, confirmed using oxygen consumption rate, then measured ɻ13C and ɻ18O of otoliths. 

There was no significant relationship between 1ɻ3C of otoliths and metabolic rate (MO2 

measured after exercise: 231–592 mgO2/kg/h) induced by swimming speeds ranging between 

0.2–3.4 BL/s. Although this finding seems contrary to other studies that indirectly infer 

metabolic rate effects, it is the first investigation that introduces changes in metabolic rate by 

manipulating swimming activity, instead of temperature. We conclude that aerobic metabolic 

rate (MO2) does not influence ɻ13C of otoliths. We propose possible physiological mechanisms 

to explain how carbon isotopes are incorporated from DIC and diet into the fish. There was 

evidence of a relationship between metabolic rate and ɻ18O of otoliths, but it was mainly driven 

by the fish with the highest oxygen consumption rates, suggesting that only very high oxygen 
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consumption rates influence ɻ18O, or the possible use of anaerobic metabolism to supplement 

aerobic metabolism. 

Introduction  

The use of stable isotopes of carbon and oxygen of fish otoliths has radically enhanced 

ecology studies over the past half century. Otoliths exhibit accretionary growth through daily 

deposition of layers of calcium carbonate (typically aragonite, but small vaterite inclusions have 

been recorded, Chapter 2). Once formed, otoliths are metabolically inert, which generates a 

chronological record of stable carbon (1ɻ3C) and oxygen (ɻ18O) isotope compositions (Campana, 

1999). This chronological record allows for temporal comparisons across and within species and 

also for the examination of specific time points within the lifetime of an individual fish. Hence, 

such isotopic measurements provide unique ways to track habitat use, migration, food web 

dynamics, and thermal history.  

Despite wide use by biologists, aspects of how isotopes are incorporated into fish otoliths 

are still not well understood. The interpretation of otolith ɻ 13C has been particularly fraught. 

Multiple factors have been proposed to influence 1ɻ3C of otoliths, such as diet (Radtke et al., 

1996; Elsdon et al., 2010; McMahon et al., 2011), dissolved inorganic carbon (DIC) (Weidman 

and Milner, 2000; Guiguer et al., 2003; Solomon et al., 2006; Tohse and Mugiya, 2008), depth of 

the water column in which a fish is living, depth of occurrence (Sherwood and Rose, 2003), 

metabolic rate (Kalish, 1991b; Høie et al., 2003), and swimming activity (Sherwood and Rose, 

2003; Dufour et al., 2007). The contribution of each factor is poorly understood, which limits 
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the diagnostic power of ɻ13C of fish otoliths and leaves a considerable amount of unexplained 

“noise” in the carbon isotope data that is broadly attributed to “metabolic effects”.  

Previous studies have attempted to disentangle the factors that influence 1ɻ3C of otoliths 

by using mixing models to calculate the percentage contribution of 1ɻ3C from diet and from DIC 

of ambient water. Estimates of the percentage contribution of ɻ 13C from diet into an otolith 

vary from ~30% (Kalish, 1991a; Høie et al., 2003) to ~15% (Solomon et al., 2006; Nelson et al., 

2011) to as little as 1–7% (Guiguer et al., 2003). Isotopic enrichment factors between diet and 

otolith are critical variables in these estimates but attempts to measure them have varied 

substantially, with these differences attributed to variable metabolic rates among individual fish 

within and across species (Solomon et al., 2006). Quite plausibly, the large variation in isotopic 

enrichment factors is related to a lack of understanding of the isotopic fractionation at each 

step from carbon sources to otolith (e.g. water to blood, blood to endolymph, endolymph to 

otolith). The large, unexplained variation in the contribution of the two main sources (diet and 

DIC) across studies suggests that 1ɻ3C of otoliths is influenced by an additional underlying 

factor, such as metabolic rate.  

Within a single otolith, ɻ13C and ɻ18O are typically positively correlated, implying a 

common underlying factor that influences both isotopic measurements (Kalish, 1991b; Thorrold 

et al., 1997; Høie et al., 2004; Wurster et al., 2005; Dufour et al., 2007). This relationship 

persists across numerous species from marine and freshwater environments that live at a broad 

range of temperatures and depths and consume isotopically different diets from various trophic 

levels (Kalish, 1991b). Oxygen isotopes have a well-documented relationship with temperature; 
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the ratio of 18O to 16O incorporated into fish otolith aragonite directly relates to temperature 

and ɻ 18O of ambient water (Epstein et al., 1951; Devereaux, 1967; Patterson et al., 1993; 

Thorrold et al., 1997). Previous studies that examine the influence of temperature on ɻ 13C of 

aragonite show conflicting results: some studies find proportional increases in ɻ 13C with 

increasing temperature (Grossman and Ku, 1986; Thorrold et al., 1997; Chapter 2), while others 

find no direct relationship between temperature and 1ɻ3C (Romanek et al., 1992; Sherwood and 

Rose, 2003). Temperature governs the rates of biochemical reactions (Gillooly et al., 2001), 

however, which suggests metabolic rate, as influenced by temperature, causes the correlation 

between ɻ 13C and ɻ18O.  

Previous studies propose that increases in metabolic rate are associated with depletion of 

13C of an otolith (Kalish, 1991b; Schwarcz et al., 1998; Høie et al., 2003; Wurster and Patterson, 

2003; Dufour et al., 2007; Kahilaimen et al., 2014). Metabolic rate is the consequence of many 

different biological reactions, making it difficult to measure (Gillooly et al., 2001), particularly in 

animals living in the natural environment. When direct metabolic measurements are not 

possible, evidence of the influence of metabolic rate on 1ɻ3C of otoliths is sometimes indirectly 

inferred by examining life history factors that relate to changes in metabolic rate. For example, 

fish species living at higher temperatures generally have higher metabolic rates and lower ɻ 13C 

than species living at cold temperatures (Kalish, 1991b). Water depth has also been linked to 

variation in ɻ 13C at the species level; lower ɻ13C of otoliths is found in fish living at shallower 

depths (Sherwood and Rose, 2003), although changes in water temperature likely co-occur with 

changes in water depth. Ontogenetic trends in 1ɻ3C of otoliths are observed in a number of fish 
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species (e.g., Schwarcz et al., 1998; Weidman and Milner, 2000; Jamieson et al., 2004; Dufour et 

al., 2008). Younger fish commonly have lower 1ɻ3C and higher metabolic rates than older fish 

(Kalish, 1991b). Within individual fish, intra-otolith 1ɻ3C comparisons reveal covariation with 

changes in estimated water temperature and also modeled oxygen consumption rate (Wurster 

et al., 2005). Even in fossil otoliths, differences between the maximum and minimum intra-

otolith 1ɻ3C are thought to reflect total lifetime changes in metabolic rate (Wurster and 

Patterson, 2003). Many of the studies that link ɻ13C of otoliths with metabolic rate are field-

based, however, and involve poorly constrained estimates of the 1ɻ3C of carbon sources and 

indirect measures of metabolic rate. Both metabolic rate and 1ɻ3C are influenced by multiple 

factors, making it difficult to isolate and understand their relationship.  

Swimming activity and oxygen consumption rate can be used as proxies for metabolic rate 

of fish living in the natural environment and provide indirect evidence of a relationship 

between metabolic rate and ɻ13C of otoliths at the individual (Høie et al., 2003) and species 

level (Kalish, 1991a; Kalish, 1991b; Sherwood and Rose, 2003). For example, caudal fin aspect 

ratios reflect swimming activity; high ratios are generally found in streamlined, continuously 

active fish, whereas low ratios are found in less active species (Sherwood and Rose, 2003). 

Using caudal aspect ratios as a proxy for metabolic rate, Sherwood and Rose (2003) found a 

strong correlation between caudal aspect ratio and 1ɻ3C of otoliths among 60 marine species. 

Kalish (1991b) also noted a greater depletion of 13C of otoliths in more active species. Oxygen 

consumption rate, in response to metabolic demand, could influence which stable carbon 

isotopes are preferentially incorporated into an otolith. Previous studies have found a 
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relationship between estimated oxygen consumption rate and 1ɻ3C of otoliths within species 

(Wurster and Patterson, 2003; Dufour et al., 2007), and also across multiple fish species (Kalish, 

1991b).  

Currently, ɻ 13C of otoliths is interpreted largely based on diet and DIC. Yet, there is 

conflicting evidence that metabolic rate may also influence ɻ 13C of otoliths, which, until 

resolved, sheds uncertainty on all 1ɻ3C interpretations. The effect of metabolic rate is further 

complicated by its intricate relationship with factors such as temperature, body size, and 

swimming activity. Because metabolic rate is difficult to measure in the natural environment 

and also difficult to control in a laboratory, most evidence of a relationship between ɻ13C and 

metabolic rate comes from indirect inferences. Here, we conducted a controlled experiment to 

directly examine the influence of metabolic rate on 1ɻ3C of otoliths, while controlling for factors 

that influence ɻ 13C (diet and DIC) and factors that influence metabolic rate (temperature and 

body size). In this study, we tested the hypothesis that higher metabolic rate produces lower 

1ɻ3C of otoliths. We manipulated swimming activity in American eel elvers for 20 weeks to 

induce a gradient of different metabolic rates, while controlling for diet and temperature, with 

relatively constant ɻ13C of DIC in the water. 

Materials and Methods 

All work complied with Canadian Council on Animal Care (CCAC) guidelines and was 

performed in accordance with permits issued by the Queen’s University Animal Care 

Committee (UACC protocol #100593, Casselman-2011-028, Renewal 1416).  
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Capture of Eels 

Glass eels were captured in the St. Croix River, New Brunswick, Canada, in late May 2014 

and provided gratis by Brunswick Aquaculture Ltd. Upon arrival at the Queen’s University 

Biology Department Aquatic Facility in Kingston, Ontario, Canada, all eels were immersed in a 

static formaldehyde bath to prevent infection of the protozoan ectoparasite Ichthyophthirius 

multifiliis, using procedures outlined in Chapter 2.  

Pre-experiment holding period 

Eels were held for 28 weeks before the experiment began. The purpose of the extended 

holding period was (1) to allow eels to grow large enough (~1 g) so that they couldn’t escape 

through the 1 mm mesh screens necessary to maintain flow-through current in swimming tanks 

and (2) to overcome the elevated morality rates that generally occur in the first 15 weeks of 

controlled rearing of eels (Chapter 2). Eels were divided into seven 39-L (51 × 25.5 × 31.5 cm) 

flow-through rectangular tanks filled with 32 L of dechlorinated water, tightly fitted with 

silicone-sealed plexiglass lids with feeding and cleaning hatches. The pH of the water was 8.0 

and consistent during the experiment. The oxygen saturation was maintained between 80–

100% using air stones. Black plastic pipes (6 cm diameter, 30 cm length) were placed in each 

tank to provide cover. Tanks were cleaned every second day using a small brush and gravity-

siphon. Standpipe screens were cleaned every 12 hours to remove buildup and prevent tank 

overflows. Fluorescent ceiling lights were covered with yellow filters to reduce light levels and 

programmed on a 12-hour light/dark cycle. Tanks were covered with orange garbage bags (Glad 

Easy-Tie) to further reduce light levels and also reduce motion disturbance by people. Tanks 
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were inspected for dead eels every 12 hours, which were immediately removed. The mean 

water temperature during holding was 24.89 ± 0.011oC, based on 823,768 measurements from 

continuously recording temperature loggers (HOBO UTBI-001 TidbiT v2 Temperature Data 

Logger, Onset) placed at the bottom of each tank. Eels were acclimated to the holding 

temperature at a rate of increase of 3oC every 48 hours. During holding, eels were fed the same 

diet and feeding regime as during the experiment, described below. 

Initial subsample and distribution into experiments 

At the end of the holding period, there was high variance in body size within each holding 

tank, making it necessary to amalgamate all seven tanks and then proportionally redistribute 

eels into the experiment so that the size distributions were the same across tanks. All eels were 

first weighed to determine the overall size distribution, which was then used to create seven 

size categories. Eels were then weighed a second time and separated by size category. Eels in 

size categories one and seven were not used for the subsequent experiment because they were 

size outliers. The number of eels in each size category was divided by the total number of eels 

to determine the proportion of eels represented by each category. Eels were then distributed 

into each experiment tank with a size distribution matching that of the overall experiment (n = 

100 eels in each tank).  

An additional 80 eels were proportionally subsampled using the same size distribution 

and euthanized using 400 ppm tricaine methanesulfonate (MS-222, Aqua Life TMS Syndel) to 

provide a record of baseline condition of eels entering the experiment. The mean body weight 

of the initial subsample was 1.17 ± 0.15 g (mean and 95% confidence interval) and total length 
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was 94.6 ± 3.57 mm. Sagittal otoliths were removed under a dissecting microscope and cleaned 

by dragging them across an 800-grit silicon carbide grinding paper (Buehler), then washing 

them in 80% ethanol and distilled water. Otoliths were stored dry in microcentrifuge vials. The 

otoliths of the 80 baseline eels contained the isotopic composition of their previous history, 

including the time spent in a marine environment before capture and the holding period.  

Marking of Otoliths  

To mark the start of the experiment in the otolith, live eels were immersed in a solution 

of 2 L of water containing 5% sodium chloride and 3% oxytetracycline hydrochloride (OTC, 

Liquimycin LA-200, Pfizer), using a procedure modified from Simon and Dorner (2005) and 

Threader et al. (2010). The immersion time was 15 minutes at 28oC, and 100 eels were treated 

at a time.   

Dual-purpose housing and swimming tanks  

To reduce handling stress in this chronic swimming experiment, we designed swimming 

chambers that also served as rearing chambers when forced swimming was not occurring 

(Appendix G). Tanks contained two concentric plastic walls, forming a channel in between. The 

outer layer consisted of clear Plexiglas with a diameter of 512 mm. The inside of the tank 

contained a modified white five-gallon pail with a diameter of 284 mm. Four 8 × 2 cm holes on 

the side of the pail covered with 1 mm mesh provided drainage and maintained water levels. 

The height of both plastic cylinders was 202 mm. The volume of the tank ranged from 14.3 to 

16.4 L depending on how blocked the drainage filters became during the swimming period. 

Each tank was tightly fitted with a circular plastic lid. To provide a dark area for cover, a 30 cm 
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portion of the lid and underside of the tank was painted black. Two water jets were built into 

the tanks on opposite sides and powered by an external variable-speed immersion pump; 

current velocity of each tank was finely controlled using ball valves. Current flow forced 

constant swimming for 10 hours each day; the remaining 14 hours were a resting period (no 

current). Swimming occurred during the light period.  

A water temperature of 28oC was used in the experiment because it is the optimum 

temperature for somatic growth of American eel elvers, as determined in Chapter 2. 

Temperature was maintained using digital mixing valves (Hass Manufacturing Intellifaucet 

K250), that dispersed water into 62.5-L header tanks that gravity-fed into tanks containing eels 

at a rate of 1.2 L/minute. Water dropped into each tank from above so as not to affect current 

velocity during swimming periods. Mean water temperature during the experiment, as 

measured by temperature loggers programmed to record every minute, was 27.7, 27.6, 27.3, 

27.7, 27.8, and 27.6oC, in tanks one to six respectively. The 95% CI for all six loggers was ± 

0.001oC.  Temperature was also recorded using a glass handheld thermometer every 12 hours 

to ensure 28oC was maintained.  

Diet and feeding regime 

Eels were fed ad libitum ~8% of their body weight every 12 hours (~16% per day), 

between 8 to 9:30 a.m. and 8 to 9:30 p.m. Food quantity was adjusted throughout the 

experiment to maintain ad libitum feeding as eel biomass increased. Food consisted of equal 

quantities of Otohime Larval Fish Food A2 and B1 (Marubeni Nisshin Feed Co., LTD), mixed with 

frozen Chironomids cut into 1–2 mm pieces (Hikari Bio-pure) to form a mixture with the 
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consistency of hard dough. The ratio, by wet weight was ~40:60 Otohime to Chironomids. The 

dry weight ratio was 92:8. The ɻ13C of the food mixture was –23.6‰ (measured in Chapter 3). 

Measuring of Ucrit 

The swimming speeds of each tank were determined based on the critical swimming 

speed of the eels entering the experiment. Critical swimming speed (Ucrit) is an operational 

term to describe swimming capacity that is confined to laboratory investigations. To measure 

Ucrit, fish are subjected to stepwise increases in swimming speed until fatigue occurs; Ucrit is 

calculated from the maximum speed achieved prior to fatigue (Beamish, 1978). Fifty eels were 

subsampled from the five swimming tanks based on the overall size distribution of the 

experiment to ensure Ucrit was determined for a range of sizes. Eels were tested in groups of 

ten and not fed during the 24 hours before testing. A Nikon D7000 camera was mounted above 

each swimming tank and used to record swimming activity. Angled mirrors were affixed to the 

sides of each tank to view any hidden areas so eels could be visually tracked continuously. Eight 

speeds were examined, and speed was increased by 50 mm/s for every 30-minute time 

increment (50 to 400 mm/s). The test was continuous, eels were not given the opportunity to 

rest between intervals. The magnitude of the intervals (50 mm/s) was chosen based on 

preliminary swimming tests that indicated it was ~1/8 of the maximum sustained speed. Videos 

were analyzed in 10 second segments using VLC Media Player and slowed down to 1/3 of the 

normal speed for viewing. Fatigue is generally defined as the point at which a fish can no longer 

swim despite repeated efforts. Because the swimming tanks were a continuous circular 

chamber (with no fallback screen), the criteria for fatigue in this study was defined as either (1) 
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an eel that stopped swimming against the current and formed a “U” body shape and drifted at 

least 3 body lengths; (2) an eel that continuously attempted to swim against the current but 

could not keep up and “lost ground” for at least one tank revolution; (3) an eel that actively 

swam against the current, then reversed direction and passively swam with the current. Each 

Ucrit trial was deemed complete when 50% of the test fish consistently met the fatigue criteria. 

Ucrit was determined using the equation from Brett (1964):  

Ὗ  Ὗ Ὗ
Ὕ

Ὕ
 

where Ui is the highest velocity maintained during the time interval; 

Uii is the predetermined velocity increase increment (50 mm/s); 

Ti is the time elapsed at fatigue velocity, and  

Tii is the predetermined length of each time interval (30 minutes). 

The mean Ucrit of 50 eels was used to establish the swimming speeds used in the 

experiment. We recognize that swimming speed is experienced individually relative to body 

length; the mean Ucrit was only intended to provide a meaningful starting point for which to 

assign treatment speeds that encompassed an ample swimming activity gradient for American 

eels. Tank one had no current and served as a control. Tanks two to six had swimming speeds of 

25, 50, 75, 100, and 125% Ucrit respectively. Actual current velocities were 55, 110, 166, 221, 

and 276 mm/s, respectively. Given the mean body length of eels entering the experiment of 

94.6 ± 3.57 mm, the relative mean Ucrit was 2.3 BL/s. Water velocity was set using a floating 

bead and stopwatch and recalibrated every two weeks.  
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Daily routine during the 20-week experiment 

Eels were fed every morning between 8 to 9:30 a.m. and then given two hours to digest. 

Tanks and outflow screens were cleaned daily, which was necessary to prevent blockage of 

outflow screens in this flow-through system, particularly in the high velocity tanks. After 

cleaning, water pumps were switched on to induce current flow and commence swimming. Eels 

were forced to swim for 10 hours each day, after which pumps were turned off to begin a 

resting period. Outflow screens were cleaned each evening, as they collected large amounts of 

debris through the centrifuge motion of the current during swimming. Eels were then fed a 

second time and left to rest for 14 hours.  

Mortality  

Cumulative mortality across treatments was generally low because eels were held for 28 

weeks before the experiment began, making them older, stronger, and trained to feed in a 

laboratory environment. Mortality was 0, 4, 8, 2, 2, and 5% in tanks one to six respectively.  

Measurement of Oxygen Consumption as a Proxy for Metabolic Rate 

In the last ten days of the experiment, an oxygen probe (FOXY MFPF-100 fiber optic 

oxygen probe, Ocean Optics) was used to record 10-minute oxygen consumption profiles of 141 

individual eels. Continuous measurements were recorded every 10 seconds. Profiles were 

recorded after 10 hours of swimming and also after 24 hours of rest. Each eel was euthanized 

after its oxygen consumption profile was recorded, so that otoliths could be removed. The 

oxygen probe was calibrated at the start of each day using a two-point calibration curve. 

Sodium sulphite was used as a 0% dissolved oxygen point. The upper end of the calibration 
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curve was formed using 1800 mL of water that had been bubbled with air overnight at 28oC. A 

Winkler titration kit was used to measure the oxygen concentration of the water (HI 3180 

Dissolved Oxygen Test Kit, Hanna Instruments).  

Respiration chambers consisted of nine mason jars of volumes ranging from 34 to 1500 ml 

fitted with rubber stoppers with holes drilled for attachment of water intake and output hoses 

and to hold the oxygen probe. The size of the jar was selected based on the size of each eel 

using a general rule of 30 – 50× the volume of the fish. Each jar was filled with 28oC water and 

then placed in a flow-through water bath at 28oC to maintain temperature during oxygen 

measurements. Water flowed through the chamber for 5 minutes to allow each eel to 

acclimate, after which the chamber was sealed to create a closed system. Once sealed, the 

oxygen probe began recording. A control jar of water was analyzed in parallel with each eel. 

Standard metabolic rate was calculated from the rate of decrease of oxygen concentration over 

10 minutes using the following equation:  

                                                     ὓὕ
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where MO2 is the O2 consumption rate (mg O2/kg/h); 

[O2i] and [O2f] are the concentrations of oxygen in the water at the start and end of the 

measurement period respectively (mg O2/L); 

T is the time elapsed during the measurement period in hours; 

WT is the weight of the eel in kg, and 

V is the volume of the chamber in liters 
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Termination of the Experiment 

After 20 weeks, eels were euthanized, measured and weighed, and otoliths were 

removed using the same methods described for the initial subsample. Ten eels from each 

treatment and the baseline subsample were subsampled using a random number generator in 

R for measurement of ɻ18O and ɻ 13C of otoliths. Left and right otoliths were desiccated for 48 

hours and weighed to the nearest 0.0001 mg several times to ensure consistency (Sartorius 

MSA6.6s-000-DM Cubis Micro Balance). Right otoliths were used to measure isotopic 

compositions and left otoliths were used for growth measurements.  

Stable Isotope Analysis 

The stable isotope composition of otoliths was determined using a Thermo ScientificTM 

DeltaPlus XP Continuous-Flow (CF) Stable Isotope Ratio Mass Spectrometer (IRMS) at the 

Queen’s Facility for Isotope Research (QFIR) in Kingston, Ontario. Isotope ratios were expressed 

in parts per thousand (‰) and reported using the delta notation ()ɻ: 

‏
Ὑ Ὑ
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where R is the ratio of the heavy isotope (e.g. 13C) to the light isotope (e.g. 12C).  

Values of ɻ 18O were expressed relative to Vienna Standard Mean Ocean Water (VSMOW) and 

1ɻ3C relative to Vienna Pee Dee Belemnite (VPDB).  

Measurement of δ18O and δ13C of Otoliths 

Otoliths were placed in borosilicate vials and flushed with helium to remove atmospheric 

CO2. Each otolith was then dissolved in 100% anhydrous phosphoric acid at 72oC releasing CO2 

gas, which was analyzed using a Thermo-ScientificTM GasBench II coupled to an IRMS for the 
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ratios of 18O to 16O and 13C to 12C. Methods outlined in Chapter 2 for CO2 gas concentration of 

small samples were used to avoid pooling otoliths from multiple fish.  

The ɻ 18O and ɻ 13C of otoliths were calibrated to Vienna Standard Mean Ocean Water 

(VSMOW) and Vienna Pee Dee Belemnite (VPDB) using international standards NBS 19 

(accepted values: ɻ18O = +28.65‰, 1ɻ3C = +1.95‰) and NBS 18 (accepted values: ɻ18O = +7.2‰, 

1ɻ3C = –5.01‰). DOL2, a secondary internal laboratory standard made from dolomite, was used 

to test the calibration (accepted values: 1ɻ8O = +22.2‰, 1ɻ3C = +1.1‰). Reproducibility for NBS 

19 was ± 0.23‰ for 1ɻ8O and ± 0.09‰ for 1ɻ3C (n = 19). Reproducibility for NBS 18 was ± 

0.09‰ for 1ɻ8O and ± 0.03‰ for 1ɻ3C (n = 3). Results for DOL2 were: ɻ 18O = +22.6 ± 0.28‰, and 

1ɻ3C = +1.1 ± 0.09‰ (n = 8), which compare well with its accepted values. Otoliths were 

analyzed whole, and not homogenized, which precluded duplicate analyses of the same sample. 

Otolith Volume Calculations 

All eels used in this experiment were wild captured as glass eels and the otolith inevitably 

contained previous growth. Following methods detailed in Chapter 2, proportional weighting of 

individual otoliths by volume was used to correct the 1ɻ3C of the otolith to that resulting only 

from growth under controlled conditions.  

To measure volume, left otoliths were mounted on glass slides with cyanoacrylate (Krazy 

GlueTM) using methods outlined by Stevenson and Campana (1992). Once mounted, whole 

otoliths were laterally-medially ground on one side using dry 400 grit Buehler silicon carbide 

paper, then polished with dry 800 grit paper. Ground and polished otoliths were viewed at 40×, 

100×, and 200× magnification (Olympus BH2-RFCA) and photographed under ultraviolet and 
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transmitted light. ImageJ software (Rasband, W.S., ImageJ, U. S. National Institutes of Health, 

https://imagej.nih.gov/ij/, 1997–2017), coupled with a Wacom CTH470M Bamboo Capture Pen 

Tablet, were used to digitally trace and measure the width, height, and area of the whole 

otolith and otolith up to the tetracycline label.  

Volume of the whole otolith and otolith up to the tetracycline label was calculated using 

equation 2.3.  

Volume estimates were used to proportionally weight isotopic compositions of the whole 

otolith and the otolith portion formed during the experiment using a mass balance equation 

(equation 2.4). 

Percentage contribution of δ13C from diet to otoliths 

Equation 3.1 was used to estimate the relative contributions of ɻ 13C from diet and DIC to 

the ɻ 13C of the otolith (M).    

Statistical Analysis 

All statistical analyses were conducted in R (version 3.4.1, R Development Core Team, 

2017) and SPSS Statistics (IBM Corp. Released 2016. IBM SPSS Statistics for Windows, Version 

24.0.). Figures were generated using SigmaPlot 11.0.  

Swimming speed of individual eels, reported in body lengths per second, was determined 

by dividing the tank speed (mm/s) by body length (mm). Because there was high variability in 

body size within each tank, each eel experienced a relative swimming speed, in relation to the 

tank current velocity set at the start of the experiment. Therefore, treatments were combined, 

and eels were treated as individuals for statistical analyses.  
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Results 

20 weeks of swimming at a gradient of speeds resulted in fish with a gradient of metabolic 

rates  

To test whether 20 weeks of forced swimming at five different treatment speeds 

produced differences in metabolic rate, oxygen consumption rate was measured after 10 hours 

of swimming (n = 118) and after 24 hours of rest (n = 30) at the end of the experiment.   

Metabolic rate (MO2) measured directly after swimming, increased with higher treatment 

swimming speed; induced swimming speed over 20 weeks and body weight statistically 

predicted MO2 measured after swimming (Multiple Regression, R2 = 0.474, p < 0.01, F117 = 

53.76, Figure 4.1). The model ὓὕ σσωȢσωωψȢχψÌÏÇὦέὨώύὩὭὫὬὸ φχȢωσφ

ίύὭάίὴὩὩὨ was used to estimate post-swimming MO2 of eels that did not undergo oxygen 

consumption measurement (Table 4.1).  

MO2 measured after 24 hours of rest, reflected individual treatment swimming speed, 

demonstrating that the 20-week experiment created a gradient of resting metabolic rates 

across fish. Induced swimming speed and body weight statistically predicted MO2 measured 

after rest (Multiple Regression, R2 = 0.310, p < 0.01, F29 = 6.16, Figure 4.2). The model ὓὕ

σσρȢυς φψȢπτÌÏÇ ὦέὨώύὩὭὫὬὸ υτȢτσίύὭάίὴὩὩὨ was used to estimate the 

resting MO2 of eels that did not undergo oxygen consumption measurement (Table 4.1).  

Swimming speed did not affect δ13C of otoliths  

Induced swimming speed experienced over 20 weeks showed no significant relationship 

with 1ɻ3C of otoliths (Linear Regression, p = 0.79, R2 = 0.001, F49 = 0.07, Figure 4.3).  
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Metabolic rate, measured after exercise, did not relate to δ13C of otoliths  

Paired ɻ 13C of otoliths and MO2 showed no significant relationship when measured in 18 

eels directly after 10 hours of swimming (Linear Regression, p = 0.616, R2 = 0.016, F17 = 0.26, 

Figure 4.4, closed circles). An ANCOVA confirmed that there was no significant difference 

between the slopes of measured MO2 and ɻ 13C and estimated MO2 and ɻ 13C (p = 0.360, F = 

0.851, partial n2 = 0.013), which allowed for the data to be combined. When post-swimming 

MO2 was regressed against ɻ13C of the otoliths of all eels, there was no relationship (Linear 

Regression, p = 0.937, R2 = 0.00, F49 = 0.01, Figure 4.4).  

Metabolic rate, measured after rest, did not influence δ13C of otoliths 

After 20 weeks of forced daily swimming, there was no significant relationship between 

1ɻ3C of otoliths and MO2 measured after 24 hours of rest (Linear Regression, p = 0.83, R2 = 

0.001, F49 = 0.05, Figure 4.5). 

Swimming did not influence the relative contribution of diet to the δ13C of otoliths 

A mixing model was used to estimate the proportion of 1ɻ3C derived from diet (M) versus 

DIC of the water (1–M) to the carbon isotope composition of the otolith. There was no 

relationship between individual swimming speed experienced over 20 weeks and the 

percentage contribution of diet (M) to ɻ13C of otoliths (Linear Regression, p = 0.80, R2 = 0.001, 

F49 = 0.07, Figure 4.6).  

Swimming activity influenced δ18O of otoliths  

There was a significant relationship between individual swimming speed and 1ɻ8O of 

otoliths (Linear Regression, p < 0.01, R2 = 0.270, F49 = 18.07, Figure 4.7). This significant 
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relationship, however, was driven by the six fish with the highest swimming speeds. When 

these six fish were removed from the analysis, the relationship was no longer significant (Linear 

Regression, p = 0.87, R2 = 0.00, F43 = 0.03, Figure 4.7).  

Metabolic rate, measured after exercise, influenced δ18O of otoliths  

Paired ɻ 18O of otoliths and MO2 showed a significant relationship when measured in 18 

eels directly after 10 hours of swimming (Linear Regression, p = 0.016, R2 = 0.310, F17 = 7.33, 

Figure 4.8, closed circles). An ANCOVA confirmed that there was no significant difference 

between the slopes of measured MO2 and ɻ 18O and estimated MO2 and measured ɻ18O (p = 

0.862, F = 0.030, partial n2 = 0.00), which allowed for the data to be combined. When the post-

swimming MO2 of all eels was regressed against 1ɻ8O of otoliths, there was a significant 

relationship (Linear Regression, p < 0.01, R2 = 0.416, F49 = 34.17, Figure 4.8). Even when the six 

fish with the highest metabolic rates were removed from the analysis, a significant relationship 

persisted between ɻ18O of otoliths and post-swimming MO2 (Linear Regression, p = 0.004, R2 = 

0.177, F43 = 9.06, Figure 4.8).   

Metabolic rate, measured after rest, influenced δ18O of otoliths  

After 20 weeks of forced daily swimming, there was a significant relationship between 

1ɻ8O of otoliths and estimated MO2 after rest (Linear Regression, p < 0.01, R2 = 0.412, F49 = 

33.60, Figure 4.9). This relationship, however, was driven by the six fish with the highest 

metabolic rates. When these six fish were removed from the analysis, there was no significant 

relationship between ɻ18O of otoliths and resting MO2 (Linear Regression, p = 0.07, R2 = 0.077, 

F43 = 3.52, Figure 4.9).   
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Discussion 

The influence of metabolic rate on ɻ13C of otoliths has been alluded to for decades, but 

directly quantifying the relationship has proved challenging because metabolic rate and 1ɻ3C 

are both influenced by multiple factors, many of which covary. Consequently, a “call” was made 

by several authors for a laboratory experiment in which confounding variables (e.g. 

temperature) are decoupled to isolate the direct effects of metabolic rate on 1ɻ3C of otoliths 

(Høie et al., 2003; Dufour et al., 2007; Chung et al., 2019b). Answering this call, and using a 

novel approach of manipulating metabolic rate through swimming activity level, we found no 

evidence of a relationship between metabolic rate and 1ɻ3C of otoliths.  

Much of the existing evidence for a relationship between metabolic rate and ɻ13C of 

otoliths is limited to field measurements and correlations that do not isolate the influence of 

any single variable. Earlier studies correlate 1ɻ3C of otoliths with general life history events (e.g. 

sexual maturity, increases in body mass with age) that are thought to relate to changes in 

metabolic rate (Gauldie, 1996; Schwarcz et al., 1998; Trueman et al., 2013). These life history 

events, however, could also relate to changes in diet and habitat use (DIC and temperature). 

While these studies provide an important foundation for suggesting the influence of metabolic 

rate on ɻ 13C of otoliths, they take place in complex environments influenced by many different 

factors. More recent studies have attempted to correlate 1ɻ3C of otoliths with more 

quantitative indicators of metabolic rate, such as field-estimated oxygen consumption rates, 

caudal fin morphometric estimates of swimming activity, and percentage contribution of diet 

(M) using mixing models (Sherwood and Rose, 2003; Wurster and Patterson, 2003; Solomon et 
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al., 2006; Dufour et al., 2007; Kahilainen et al., 2014; Chung et al., 2019a). Yet, the variables 

inputted into these models are commonly broad field estimates, generalized to single values for 

entire species, derived from correlations, poorly controlled, and(or) even unknown. Therefore, 

it is difficult to understand the contribution of any single variable because deriving estimates 

based on estimates creates a risk of perpetuated errors.   

Mixing model calculations of percentage contribution (M) of ɻ13C from diet and DIC are 

presumed to be a proxy for metabolic rate, but the percentages vary widely across the 

literature, making them difficult to compare. Although mixing models are an excellent tool for 

determining the contribution of ɻ 13C from different components of diet in tissues that are 

exclusively influenced by diet (e.g. muscle), these models are not as effective when applied to 

otoliths because ɻ13C of otoliths results from 13C-enrichment from multiple sources. The output 

of a mixing model can only be accurate if the input variables (1ɻ3C of DIC and diet) are accurate, 

but many authors use estimates of DIC and diet, sometimes even as averages for entire species. 

Furthermore, the 13C-enrichment factors for DIC and diet (εHCO3
-
-arag and εdiet-arag) needed to 

calculate M are poorly understood and remain a major source of uncertainty. For DIC, many 

authors use εHCO3
-
-arag = 2.7 for synthetic aragonite from Romanek et al. (1992). Others use 

various values of ε from Solomon et al. (2006, Rainbow trout otoliths), while still others assign ε 

as zero. This enrichment may be underestimated; CO2 resulting from metabolic processes and 

released from tissues is typically depleted of 13C because the heavier isotope remains in the 

tissue. Correlations that involve M and 1ɻ3C of otoliths should therefore be interpreted with 

caution because of the large uncertainty of input variables (DIC, diet, ε) across the literature.  
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Bioenergetics models provide a unique way to estimate the oxygen consumption rate of 

fish living in the natural environment and are commonly used to infer a relationship between 

metabolic rate and ɻ13C of otoliths. To use oxygen consumption rate to describe metabolic rate, 

it is critical to consider the body size and ambient temperature of a fish (Gillooly et al., 2001). 

Bioenergetics models, however, are often applied to fish living in complex environments where 

input variables cannot be measured. Consequently, they incorporate a mixture of 

measurements and/or estimates of input variables such as temperature, body size, energy 

density, and diet, from other studies. Because metabolic rate depends on so many individually 

experienced factors, it can be problematic to correlate these model outputs with 1ɻ3C of 

individual otoliths. Some authors use ɻ18O of otoliths to estimate temperatures for 

bioenergetics models (Dufour et al., 2007; Chung et al., 2019a). Although this provides more 

individualized temperatures, the accuracy of 1ɻ8O of otoliths as a thermometer relies on an 

accurate ɻ 18O of the water and the selection of an appropriate aragonite-water oxygen-isotope 

geothermometer. Bioenergetics models are useful in estimating the metabolic rate of 

otherwise inaccessible fish in the field, but because temperature is a major factor in these 

models, the output leaves metabolic rate and temperature intertwined. Therefore, any 

correlation between ɻ13C of otoliths and oxygen consumption rate estimated by temperature 

still does not allow isolation of a single factor to explain trends in ɻ13C of otoliths.  

Two main laboratory-based studies have examined 1ɻ3C of otoliths and metabolic rate in 

controlled experiments. The first study manipulated metabolic rate using temperature (Chung 

et al., 2019a), and the second study used temperature and food availability to induce different 
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growth rates (Høie et al., 2003). Chung et al. (2019a) found ɻ 13C of otoliths was correlated with 

oxygen consumption rate (by temperature). Høie et al. (2003) saw no effect of otolith growth 

rate on ɻ 13C, but they did find that otolith ɻ13C was significantly different between their 6 and 

10oC treatments, which they attributed to metabolic rate differences induced by temperature. 

These two studies allow us to narrow down the factors affecting 1ɻ3C of otoliths in controlled 

laboratory conditions to two (co-varying) factors: metabolic rate and temperature.  

Accordingly, we resolved to isolate metabolic rate as a single factor and test if the 

inferences made in other studies would hold true in a controlled environment. After 20 weeks 

of forcing eels to swim at a constant temperature, we found no significant relationship between 

1ɻ3C of otoliths and swimming speed ranging 0.2–3.4 BL/s. Based on oxygen consumption rate 

measurements, we confirmed that the range of swimming speeds produced a gradient of 

metabolic rates (after exercise: 231–592 mgO2/kg/h, after rest: 257–532 mgO2/kg/h). Yet there 

was no significant relationship between ɻ13C of otoliths and induced swimming speed, and no 

relationship between ɻ13C and metabolic rate measured immediately after exercise or after 

rest. Although this finding is contrary to other studies, it is the first investigation that introduces 

changes in metabolic rate by manipulating swimming activity, instead of temperature. We 

conclude that swimming activity level, or oxygen consumption rate, does not influence 1ɻ3C of 

otoliths. We suggest that other studies may have detected differences in ɻ13C of otoliths 

induced by temperature variation rather than differences in metabolic rate.  

Increases in temperature are associated with decreases in 1ɻ3C of fish otoliths, suggesting 

more 12C (or less 13C) is available to the otolith at higher temperatures (Kalish, 1991b; Thorrold 
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et al., 1997; Martino et al., 2019; Chapter 2). Otoliths use carbon from two sources: external 

carbon from DIC in ambient water and endogenous carbon from metabolic processes. The ratio 

of contribution from these two sources of carbon depends on the physiological state of the fish. 

In larger bodies of water, DIC typically has a much higher 1ɻ3C than otoliths (e.g. marine water: 

~0‰; fresh water, e.g. Lake Ontario: –2.2 to +0.5‰ (Leggett et al., 1999)) and is relatively 

constant, leading us to speculate that endogenous CO2 is the “source” of 12C-enriched carbon 

with increased temperature. 

Endogenous CO2 is generally enriched in 12C relative to DIC because of two main 

processes: (1) depletion of 13C during production of CO2 within tissues, and (2) discrimination 

against 13C by enzymatic reaction in the blood during transport. Most soft tissues, such as 

muscle, are enriched in 13C by 1–2‰ relative to an animal’s diet (DeNiro and Epstein, 1978; 

Darnaud et al., 2004), suggesting that 13C concentrates in tissues, and that CO2 released into the 

blood as a by-product is depleted of 13C relative to tissues. Solomon et al. (2006) provide 

evidence that the ɻ13C of Rainbow trout blood may be as much as –16.9‰ lower than the 1ɻ3C 

of diet and DIC. This 13C-depleted CO2 is then transported in three different forms in the blood 

and then excreted at the gills. The most common form of transport accounts for 90–95% of the 

total CO2 in the blood (Eddy, 1974) and involves hydration of CO2 to HCO3
- within red blood 

cells in the presence of carbonic anhydrase. HCO3
- is then transported into the plasma in 

exchange for Cl- (Perry, 1986). At the gills, HCO3- is dehydroxylated within red blood cells in the 

presence of carbonic anhydrase to produce CO2, which easily diffuses out of the gills. 

McConnaughey (1989) suggests that the enzymes involved in hydration and dehydroxylation 
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processes within blood discriminate against more 13C-rich CO2. Less common forms of transport 

include binding CO2 to hemoglobin in red blood cells (carbaminohemoglobin) or allowing CO2 to 

remain dissolved in the blood. These two alternate forms of transport do not involve enzymes, 

and thus do not discriminate against CO2 enriched in 13C. Overall, the CO2 derived from 

metabolic processes provides a plausible source of 12C-enriched carbon to the otolith that could 

vary with temperature.  

The exact pathway for incorporation of DIC into fish blood is somewhat unclear, but it is 

evident that DIC is a major contributing source of 1ɻ3C to otoliths. The ratio of CO2 and HCO3- in 

water is dictated by pH, but generally <1% of DIC is in the form of CO2. Most DIC enters the fish 

in the form of HCO3- and thus is likely not modified by enzymatic-facilitated dehydroxylation in 

the blood before entering the endolymph. Two mechanisms for DIC uptake have been 

proposed: (1) exchange across the gills, and (2) ingestion of water and uptake across the 

intestines (Solomon et al., 2006). In freshwater fish, respiration relies on an outward 

concentration gradient in CO2 across the gills, but there is likely a simple diffusion that allows 

for inward HCO3
- movement during the massive influx of water into the gills, despite a net 

outward carbon flux (low concentration of HCO3
-, but a large volume of water). To maintain 

osmotic homeostasis, most HCO3
- is immediately exchanged back into the water at the gill 

surface to facilitate the uptake of Cl- from the water. The HCO3
- that is not immediately 

exchanged back into water remains in the circulating blood. In marine fish, a similar influx of 

water containing HCO3
- likely occurs, but in the stomach through drinking of seawater instead 
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of at the gill surface. Regardless of the exact pathway, DIC in water provides a large portion of 

the carbon utilized by otoliths, thus contributing to their 1ɻ3C signature. 

The carbon isotope composition of an otolith is dependent on the isotopic composition of 

the carbon species in the endolymphatic fluid surrounding the otolith. Endolymph contains 

HCO3
- from the two aforementioned sources: metabolic-derived HCO3

- (13C-depleted) and DIC-

derived HCO3
- (13C-enriched). Therefore, the otolith ɻ13C is dependent on the contribution from 

each source (Romanek and Gauldie, 1996). Most studies find that more DIC-derived HCO3
- ends 

up in the endolymph and deposited into the otolith (Kalish, 1991a; Høie et al., 2003; Dufour et 

al., 2007; Chung et al., 2019b), which likely relates to the sequence of blood circulation through 

a fish. DIC-derived HCO3
- enters blood through the gills and the (oxygenated) blood then travels 

to tissues, whereas deoxygenated blood containing HCO3
- that originated from metabolic CO2 

then travels to the heart where it is transported back to the gills to be excreted. Yet, based on 

arterial-venous CO2 differences, only around 12–35% of blood CO2 is excreted during a single 

passage through the gill (Perry, 1986). This means that metabolic-derived HCO3
- is only made 

available to the otolith during the subsequent circulation of blood through the fish. So, while 

DIC-derived HCO3
- continuously enters the blood at the gills upstream from the endolymph, the 

majority of metabolic-derived HCO3- enters the blood downstream from the endolymph. Only a 

small portion of metabolic-derived HCO3- remains in the blood upstream of the endolymph as 

residual CO2 that was not excreted at the gills. Therefore, more DIC-derived HCO3
- (13C-

enriched) and less metabolic-derived HCO3
- (13C-depleted) is brought into the endolymph by 

blood and made available to the otolith.  
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Temperature can have a direct effect on the rate of CO2 excretion, which can alter the 

ratio of metabolic-derived to DIC-derived carbon in the blood, with attendant consequences for 

otolith 1ɻ3C. Randall and Cameron (1973) suggest that because CO2 solubility decreases as 

temperature increases, arterial blood plasma pH decreases with increased temperature. They 

found that HCO3
- represents ~92% of the blood plasma total CO2 at 0oC and 96% at 20oC. Perry 

(1986) suggests that the rate-determining process in CO2 excretion is HCO3- entry into the red 

blood cells in exchange for intracellular Cl-, suggesting the effect of temperature on biochemical 

reaction rate and enzyme activity influences how much metabolic-derived CO2 is excreted at 

the gills. In other words, if CO2 cannot be excreted at the gills, it remains in the blood and 

lowers the pH of the arterial blood during the next circulation through the fish. This increase in 

“residual” CO2 would allow for more metabolic-derived CO2 – which is 13C-depleted relative to 

DIC-derived CO2 – to enter arterial blood and become available to the otolith. In Chapter 3, 1ɻ3C 

of otoliths was used to demonstrate empirically that the mean contribution of CO2 derived from 

diet to otoliths increased with temperature from 31% at 10oC to 51% at 34oC in fish fed the 

same diets and reared at a constant DIC. Though the combined input 1ɻ3C signal from diet and 

DIC remains constant, the output ɻ13C signal in the form of CO2 excreted at the gills, can change 

with temperature. In short, the ɻ13C data show that the contribution of metabolic-derived CO2 

to otolith formation is larger at higher temperatures.  

In contrast, if the effect of oxygen consumption rate at a constant temperature is 

considered, such as in the present study, there is no increase in the ɻ 13C signal originating from 

diet in the otoliths as metabolic rate increases. Due to the high solubility of CO2 in water and 
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the efficiency of counter-current exchange at the gills, the excretion of CO2 through diffusion 

allows internal CO2 levels to remain relatively constant despite continual metabolic production 

of CO2 in tissues (Perry, 1986). Fish very seldom experience a buildup of CO2 (hypercapnia) even 

under hyper-aerobic metabolism. If anything, slight hypocapnia could occur via 

hyperventilation at the gill surface. Temperature would have a greater effect on CO2 excretion 

by influencing the biochemical reaction rate during the hydration and dehydroxylation of CO2 

within red blood cells in the presence of carbonic anhydrase, and to a lesser extent by affecting 

the solubility of CO2 into water. Therefore, changes in metabolic rate induced by swimming 

activity (oxygen consumption rate) do not influence the ɻ 13C of otoliths. 

We also examined the effects of swimming activity and metabolic rate on incorporation 

of oxygen isotopes into otoliths. The fractionation of oxygen isotopes between water and 

calcium carbonate has been well-established as temperature dependent and can be used to 

reconstruct ambient temperature (Epstein et al., 1951; Kim and O’Neil, 1997; Kim et al., 2007). 

Although rare, some species, can precipitate carbonate out of isotopic equilibrium with 

ambient water, referred to as vital effects (McConnaughey, 1989; Kalish, 1991b; Radtke et al., 

1996). Authors have dealt with this issue by emphasizing the use of species-specific aragonite-

water oxygen-isotope geothermometers (Kalish, 1991b; Thorrold et al., 1997; Høie et al., 2004; 

Storm-Suke et al., 2007). We found evidence of an increase in 1ɻ8O of otoliths with an increase 

in metabolic rate, which could help explain why oxygen isotope fractionation between otoliths 

and water can sometimes slightly deviate from that of inorganically precipitated aragonite. In 

our study, the significant relationship between 1ɻ8O of otoliths and metabolic rate was mainly 
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driven by six fish with the highest metabolic rates induced by high swimming speeds. This 

observation may suggest that: (1) metabolic rate mainly influences ɻ 18O of otoliths at very high 

oxygen consumption rates, or (2) fish swimming at high speeds use anaerobic metabolism to 

supplement aerobic metabolism, which influences the 1ɻ8O of otoliths. 

With higher oxygen consumption rates, there is likely a greater intake of ambient H2O 

containing dissolved O2 to meet oxygen demands. At high water intake rates, the oxygen in the 

HCO3
- in the blood may not have time to fully isotopically equilibrate with the oxygen in the H2O 

before it reaches the endolymph. This would only apply to the proportionally smaller fraction of 

metabolic-derived HCO3-, because DIC-derived HCO3- is isotopically equilibrated with the 

ambient water before it enters the fish. The enzymes involved in the dehydroxylation process 

discriminate against 18O (McConnaughey, 1989). This means that metabolic-derived HCO3-

,containing a greater proportion of 16O, would be preferentially converted to CO2 at the gills 

and excreted. The metabolic-derived HCO3- that remains in the blood would contain more 18O. 

Consequently, if some 18O-enriched HCO3- remains in the blood and does not fully isotopically 

equilibrate with H2O, it would enter the endolymph, thus causing an increase in 1ɻ8O of the 

otolith at higher oxygen consumption rates. This influence of metabolic rate on 1ɻ8O of otoliths, 

although minor, could explain why there are slight differences in the temperature-dependent 

aragonite-water fractionation of oxygen isotopes among fish species (Kalish, 1991a; Thorrold et 

al., 1997; Høie et al., 2004; Storm-Suke et al., 2007; Godiksen et al., 2010).   

The fish that swam at the highest speeds may have engaged in anaerobic metabolism in 

addition to aerobic metabolism to meet overall metabolic demand, which may have affected 
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the ɻ 18O of their otoliths. In general, anaerobic metabolism is induced by either environmental 

hypoxia or physiological hypoxia. If oxygen demand exceeds oxygen supply, a fish begins to rely 

on ATP generated anaerobically, such as through anaerobic glycolysis. During aerobic 

metabolism, oxygen consumption rate is proportional to swimming activity level. Once 

anaerobic metabolism is employed, oxygen consumption rate no longer increases with 

swimming activity level, meaning less of the otolith 1ɻ8O is controlled by oxygen isotope 

fractionation with water. Rather, anaerobic metabolism uses endogenous energy sources, such 

as glycogen, which contain 18O-enriched oxygen relative to water. Therefore, fish swimming at 

high speeds that require anaerobic metabolic components would show an increase in ɻ18O of 

otoliths relative to those relying only on aerobic metabolism. 

The effect of anaerobic metabolism on 1ɻ8O of otoliths has never been studied before. 

Our results suggest that the ɻ18O of otoliths for fish engaging in anaerobic metabolism can 

potentially be misinterpreted. In the natural environment, swimming activity with high oxygen 

demand or encountering hypoxic water could lead to greater reliance on anaerobic 

metabolism, whereas increases in temperature alone can seldom induce anaerobic metabolism. 

Whether a fish is engaging in pure aerobic or a combination of aerobic and anaerobic 

metabolism will determine if their metabolic rate influences the 1ɻ8O of their otoliths. 

Anaerobic metabolism causes a higher 1ɻ8O of otoliths than expected for a given temperature. 

Using the ɻ18O of an otolith produced in part during anaerobic metabolism as a 

geothermometer could lead to an underestimate of the temperature experienced by the fish. 

Further research is needed to test this hypothesis. An experiment that induces anaerobic 
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metabolism using exhaustive exercise or exposure to a hypoxic environment could serve such a 

purpose.  

This study is based on a single species. Commonly, metabolic rate differs more among 

species than within species (Kalish, 1991b), and hence it is possible that this single-species 

experiment did not produce large enough differences in metabolic rate to demonstrate its 

effect on ɻ 13C of otoliths. Future work should focus on similar experiments using multiple fish 

species and on understanding the specific mechanisms and biochemical pathways that 

determine the stable carbon and oxygen isotope compositions of otoliths. The relationship 

between metabolic rate and ɻ13C of otoliths (or lack thereof) needs to be well established using 

controlled laboratory experiments before it can be applied to field studies. Although the 

incorporation of ɻ 13C and ɻ18O from ambient water into inorganic aragonite, and even shell-

secreting invertebrates, is well-understood, the fractionation of these isotopes during the 

complex physiological processes within a fish’s bloodstream requires more research. The results 

of the present study are not necessarily contradictory with previous literature. However, they 

do help to resolve a long-standing debate on the influence of metabolic rate on 1ɻ3C and ɻ18O 

of fish otoliths by showing that swimming activity and oxygen consumption rate have no 

influence on ɻ 13C of otoliths, and only a limited influence on 1ɻ8O.   
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Figure 4.1. Relationship between 20-week swimming speed treatment (body lengths/second) 
and MO2 (mgO2/kg/hour) measured 0–10 minutes after 10 hours of swimming.  
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Figure 4.2. Relationship between 20-week swimming speed treatment (body lengths/second) 
and MO2 (mgO2/kg/hour) measured 0–10 minutes after a 24-hour resting period.   
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Figure 4.3. Relationship between ɻ13C of eel otoliths and 20-week swimming speed treatment 
(body lengths/second).   
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Figure 4.4. Relationship between ɻ13C of eel otoliths and MO2 (mgO2/kg/hour) measured 0–10 
minutes after 10 hours of swimming – after 20 weeks of daily forced swimming at the same 
speeds. Closed circles indicate eels for which MO2 was measured through oxygen consumption. 
Open circles indicate MO2 that was estimated using the relationship between measured MO2 
and swimming speed and body weight of 118 eels.  
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Figure 4.5. Relationship between ɻ13C of eel otoliths and MO2 (mgO2/kg/hour) measured 0–10 
minutes after a 24 hour period of rest – after 20 weeks of daily forced swimming. Swimming 
speed differed for individuals based on body length. MO2 was estimated using the relationship 
measured MO2 and swimming speed and body weight of 30 eels.   
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Figure 4.6. Relationship between percentage contribution of 1ɻ3C from diet (M) and 20-week 
swimming speed treatment (body lengths/second).  



 

 

 

 

130 

 

Figure 4.7. Relationship between ɻ18O of eel otoliths and 20-week swimming speed treatment 
(body lengths/second).   
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Figure 4.8. Relationship between ɻ18O of eel otoliths and MO2 (mgO2/kg/hour) measured 0–10 
minutes after 10 hours of swimming – after 20 weeks of daily forced swimming at the same 
speeds. Closed circles indicate eels for which MO2 was measured through oxygen consumption. 
Open circles indicate MO2 that was estimated using the relationship between measured MO2 
and swimming speed and body weight of 118 eels. 
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Figure 4.9. Relationship between ɻ18O of eel otoliths and MO2 (mgO2/kg/hour) measured 0–10 
minutes after a 24 hour period of rest – after 20 weeks of daily forced swimming. Swimming 
speed differed for individuals based on body length. MO2 was estimated using the relationship 
measured MO2 and swimming speed and body weight of 30 eels.  
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Table 4.1. Summary of individual ɻ13C (‰, VPDB) and ɻ18O (‰, VSMOW) of otoliths, rearing 
conditions, body size, and MO2 measured after swimming and resting periods. MO2 with 
asterisks are estimated; all other values were measured. 

Tank 
Swimming 

Speed (BL/s) 
MO2 post swim 

(mgO2/kg/h) 
MO2 post rest 

(mgO2/kg/h) 
Otolith 

1ɻ3C 
Otolith 

1ɻ8O 
Body 

Length (mm) 
Body 

Weight (g) 
Water  

Temperature (oC) 

2 0.470 338.32* 334.36* –10.0 +22.4 117.6 2.16 27.6 
2 0.302 332.14 285.97* –10.1 +22.4 183.0 8.15 27.6 
2 0.580 379.68* 457.62 –8.2 +23.2 95.3 0.98 27.6 
2 0.526 362.93* 351.75* –9.1 +23.5 105.1 1.33 27.6 
2 0.520 355.65* 324.67 –8.0 +23.1 106.4 1.56 27.6 

2 0.306 233.80 290.44* –9.1 +22.8 181.0 7.05 27.6 
2 0.530 355.80* 346.86* –9.2 +23.6 104.3 1.58 27.6 
2 0.502 355.83* 346.67* –8.5 +23.0 110.2 1.51 27.6 
2 0.457 476.80 333.89* –9.2 +23.1 121.1 2.14 27.6 
2 0.225 231.32 257.09* –8.9 +23.0 246.0 18.78 27.6 
3 1.113 419.55* 395.23* –10.8 +23.4 99.3 0.90 27.3 
3 0.453 312.36 267.25* –8.9 +22.6 244.0 20.27 27.3 
3 0.591 287.22* 303.14 –9.4 +22.6 187.0 8.61 27.3 
3 0.745 395.27 327.58* –9.3 +22.8 148.3 4.51 27.3 
3 1.323 449.74* 417.63* –9.0 +23.5 83.6 0.62 27.3 
3 0.704 339.49 321.23* –8.8 +23.0 157.0 5.18 27.3 

3 0.708 304.74 319.01* –8.5 +23.0 156.0 5.63 27.3 
3 0.519 303.54 284.54* –9.3 +22.7 213.0 12.75 27.3 
3 0.947 371.53* 360.88* –8.2 +23.3 116.7 2.12 27.3 
3 1.200 426.38* 400.60* –8.8 +23.2 92.1 0.88 27.3 
4 1.593 457.42 406.67* –8.6 +23.7 104.1 1.48 27.7 
4 1.425 399.75* 383.96* –9.0 +23.2 116.4 2.34 27.7 

4 1.293 378.47* 368.29* –10.0 +22.5 128.2 3.12 27.7 
4 1.249 377.14* 367.04* –9.0 +22.5 132.8 3.00 27.7 
4 1.212 372.64* 363.65* –9.3 +22.4 136.9 3.14 27.7 
4 1.250 376.78* 366.80* –8.4 +22.8 132.7 3.03 27.7 
4 1.438 406.31* 388.58* –8.7 +23.1 115.3 2.05 27.7 

4 2.380 537.31* 486.03* –9.1 +24.2 69.7 0.43 27.7 
4 1.259 335.98 370.04* –8.6 +23.1 131.7 2.76 27.7 
4 1.352 392.15* 378.17* –9.0 +23.2 122.6 2.49 27.7 
5 2.453 517.80* 473.14* –9.7 +24.3 90.1 0.76 27.8 
5 2.080 580.47 433.55* –9.3 +23.2 106.3 1.46 27.8 
5 2.024 456.47* 427.60* –7.5 +22.8 109.2 1.61 27.8 
5 1.707 411.69* 394.34* –8.9 +23.1 129.5 2.77 27.8 
5 1.561 392.86* 380.25* –9.5 +22.8 141.6 3.41 27.8 
5 1.760 287.80 404.54* –9.1 +22.8 125.6 2.16 27.8 
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5 2.413 464.29 464.36* –10.4 +23.8 91.6 0.95 27.8 
5 1.632 392.55* 380.57* –8.1 +23.3 135.5 3.84 27.8 
5 1.535 382.74* 373.04* –9.0 +22.9 144.0 4.14 27.8 
5 1.814 428.66* 406.85* –8.3 +22.9 121.8 2.21 27.8 
6 1.986 418.19* 400.94* –8.5 +22.9 139.2 3.7 27.6 
6 1.706 379.97* 372.46* –7.3 +22.9 162.0 5.79 27.6 
6 2.030 424.34* 405.51* –9.2 +22.7 136.1 3.44 27.6 
6 2.338 356.00 440.90* –9.9 +22.5 118.2 1.83 27.6 
6 3.449 591.56* 531.55* –9.4 +25.0 80.1 0.66 27.6 
6 3.181 452.43 509.83* –8.4 +23.7 86.9 0.84 27.6 

6 1.910 404.12 395.03* –9.1 +23.0 144.7 3.93 27.6 
6 1.467 283.33 345.13* –9.1 +23.0 188.4 9.4 27.6 

6 2.835 536.06* 488.63* –8.5 +23.7 97.5 0.91 27.6 
6 2.267 453.92* 427.70* –8.8 +23.1 121.9 2.51 27.6 
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Chapter 5 

Stable isotope ecology of stocked American eels in a measured natural 

environment 

Abstract 

American eel (Anguilla rostrata) elvers typically undergo extensive migrations, making 

their ecology difficult to study. Stocking of eels in the upper St. Lawrence River provided elvers 

of known age and growth history in a single, simplified natural environment for a study of their 

stable isotope ecology. Examining ɻ13C and ɻ18O of otoliths collected from eels between 2008 

to 2013 allowed us to distinguish eels living in the St. Lawrence River from those living in a 

creek tributary and demonstrated that stable isotopes can reflect general geographical habitat 

use. Eels living in the St. Lawrence River experienced lower water temperatures and fewer 

degree days but grew to a larger size-at-age than eels living inside the creek tributary. The ɻ 18O 

of otoliths was used to estimate water temperature within ~0.5oC of the environment, on 

average. The ɻ 13C of otoliths improved estimates of ambient temperature by providing a record 

of dominant habitat use that more accurately reflected the totality of ɻ 18O of water 

experienced by each eel, compared to capture location. Most eels showed either 100% habitat 

fidelity (44%) or only a small degree of multi-habitat use (43%), and 13% of eels underwent a 

definitive switch in primary habitat use. Eels that changed habitat were mainly age 3 and 4 

years and ~300–400 mm in body length; this ontogenetic shift was consistent with other 

anguillid species and is possibly related to changes in dietary requirements (prey type) for 

somatic growth or reproductive development at a specific life stage in eels. This study provided 
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an important precursor to stable isotope ecology studies of wild eels by using a simplified 

environment to validate the use of ɻ 18O and ɻ 13C of eel otoliths to make inferences about 

thermal and ecological associations.  

Introduction 

The complexity of the American eel life cycle and remarkably wide species distributional 

range makes it difficult to elucidate what may be causing their decline. Like many species, when 

eels are captured in the natural environment, much of their life history is a black box. Capture 

location can indicate recent habitat use, but for long-lived migratory species that use multiple 

habitats across a broad geographic range, much of the fish’s interaction and experience with 

the environment during its lifetime largely remains a mystery. Filling in this missing record of 

habitat use has become particularly important with climate change and the loss of critical 

habitat across all life stages. Radio and acoustic telemetry tagging studies have provided some 

success on larger eels in later life stages (Aarestrup et al., 2010; Ovidio et al., 2013; Béguer-Pon 

et al., 2015). However, studying eels in early life stages presents two major obstacles: (1) young 

eels such as leptocephali, glass eels, and elvers <140 mm are too small to affix physical tags 

(Mueller et al., 2019), and (2) spawning has never been observed in the natural environment; as 

such, we do not know the precise location to capture eel larvae in the Sargasso Sea. Stable 

carbon and oxygen isotope compositions of otoliths can be used as an alternative “natural tag” 

for studying fish that are too small to affix physical tags or tracking devices, have an unknown 

history, or for species with complex life cycles, such as the endangered American eel. Natural 

geochemical tags provide the unique advantage that every individual that is captured at any life 
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stage from anywhere in the species range is already tagged, eliminating any concerns of low 

recapture rates. Stable isotope compositions of otoliths can help provide the missing link to the 

environment by providing a continuous log of the thermal conditions, food web use, and 

isotope geochemistry of the water in which a fish is living.   

Otoliths are tiny calcium carbonate accretions of the inner ear of all fishes. They are 

mainly composed of the calcium carbonate polymorph aragonite, although, small vaterite 

inclusions have been recorded in American eel otoliths in the laboratory (Chapter 2) and in the 

natural environment (Jessop et al., 2008), with a higher prevalence at low temperatures, high 

latitudes, and during stress. Growth is continuous through annual, and even daily, addition of 

new layers of calcium carbonate, protein, and trace elements (Campana, 1999). Annual addition 

of layers in the otolith creates growth increments separated by annuli (year marks), which can 

be used to estimate the age of fishes (Casselman, 1987). The elements used to build otolith 

aragonite are largely derived from the environment. Different isotopes of the same element 

have subtle differences in mass and thermodynamic properties which cause preferential 

incorporation of the heavy (or light) isotope into the otolith. Fractionation of isotopes occurs 

through precise equilibrium or kinetic processes that allow for an otolith to reconstruct 

information about the environment from which it was formed (Weidman and Milner, 2000; 

Høie et al., 2004; Weidel et al., 2007).  

The oxygen isotope composition of calcium carbonate is acquired through a well-

documented relationship with temperature and ɻ18O of the ambient water (Epstein et al., 1951; 

Devereaux, 1967; Patterson et al., 1993; Thorrold et al., 1997). Thus, the ɻ18O of an otolith and 
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the ɻ 18O of the water can be used to calculate the temperature at which the otolith was 

formed, providing an individual record of mean lifetime environmental temperature, directly 

from the fish. In contrast, conventional methods of estimating a fish’s thermal history (e.g. 

continuous temperature loggers or long-term surface temperature datasets) rely on three 

major assumptions: 1) capture location reflects where a fish was living, 2) the fish’s home range 

does not extend beyond where the water temperature was measured, and 3) the thermal 

environment is relatively homogenous. Stationary measurements cannot account for the small 

thermal differences that a fish may encounter at different depths, with microhabitat use and 

cover, or exposure to water currents. Temperature reconstructions using 1ɻ8O of otoliths reflect 

individual experience and are critical for studying fish with complex thermal histories, such as 

migratory species and older fish. This approach has been used in a number of previous 

investigations of teleost otoliths, with emphasis on the need for species-specific fractionation 

equations to predict water temperature because of metabolic differences among species 

(Kalish, 1991; Thorrold et al., 1997; Høie et al., 2004; Storm-Suke et al., 2007). In Chapter 2, we 

developed an otolith-water ɻ 18O fractionation equation for American eels through a 32-week 

controlled temperature rearing experiment. When tested on American eel otoliths from other 

controlled rearing experiments, the eel equation predicted tank water temperature within 0.49 

± 0.66oC. When six fractionation equations for other species were applied to the same eel 

otoliths, the average predictive error increased to 2.4oC (range: –1 to +8oC), confirming that a 

species-specific equation produces the most accurate temperature estimates for American eels.   
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The stable carbon isotope compositions of otoliths are influenced by several factors, 

including diet (Radtke et al., 1996; Elsdon et al., 2010; McMahon et al., 2011), abundance and 

isotopic composition of dissolved inorganic carbon (DIC) (Weidman and Milner, 2000; Guiguer 

et al., 2003; Høie et al., 2003; Solomon et al., 2006; Tohse and Mugiya, 2008), species’ 

preferred living water depth (Sherwood and Rose, 2003), and temperature (Kalish, 1991b; 

Thorrold et al., 1997; Martino et al., 2019). Some studies have also proposed metabolic rate 

(Kalish, 1991b; Høie et al., 2003; Chung et al., 2019b) and swimming activity (Sherwood and 

Rose, 2003; Dufour et al., 2007) as factors that influence carbon isotope compositions of 

otoliths. In Chapter 4, however, we found that metabolic rate differences had no effect on 1ɻ3C 

of otoliths of American eels subjected to long-term induced swimming. In Chapter 3, we used 

controlled feeding experiments to determine that diet contributes 40–47% of the total ɻ13C of 

otoliths, with the remaining ɻ13C contributed by DIC. Since metabolic rate is not a contributing 

factor, ɻ 13C of otoliths is entirely influenced by factors relating to the environment. The ɻ 13C of 

prey items (food web) and DIC in the water are both linked to geographic location, which allows 

stable carbon isotopes to serve as an environmental tracer. 

The American eel uses many different habitats through its lifetime; they spawn in the 

Sargasso Sea and leaf-like larvae, called leptocephali, then drift in oceanic currents until they 

metamorphose into transparent glass eels and actively migrate to freshwater habitats ranging 

from the northern part of South America to the upper St. Lawrence River and Great Lakes 

region (Casselman et al., 2013). Once they enter freshwater and commence feeding, their skin 

develops pigmentation and they are considered young elvers. Elvers then migrate inland to 
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freshwater maturing grounds and grow into yellow eels, and then silver eels, before migrating 

back to the Sargasso Sea to spawn and die. The American eel is a native catadromous fish that 

was once abundant in the upper St. Lawrence River and Lake Ontario region until populations 

began declining in the mid-1980s and continued to decline steadily until the late 1990s, when 

juvenile recruitment was recorded as nearly nonexistent (Casselman, 2003; Marcogliese and 

Casselman, 2009). Consequently, the American eel was classified as endangered on the IUCN 

Red List in 2014 (Jacoby et al., 2017). Recruitment declines are currently most apparent and 

severe at the extremities of the range, particularly in the St. Lawrence River and Great Lakes 

region (Castonguay et al., 1994a; Casselman, 2003; Casselman et al., 2013).  

American eel elvers typically undergo extensive migrations through changing 

environments, making it difficult to validate the accuracy of isotope inferences within a single 

environment. Experimental stocking of American eels in the upper St. Lawrence River provided 

individuals of known age and growth history in a single well-defined environment for a study of 

their stable isotope ecology. The Ministry of Natural Resources and Forestry and Ontario Power 

Generation conducted experimental conservation stocking of 4.2 million glass eels in the upper 

St. Lawrence River and Lake Ontario from 2006 (OMNR, 2007) to 2010 (OMNR, 2011). Glass eels 

collected in Nova Scotia and New Brunswick, Canada, were transported to stocking locations, 

which circumvented their lengthy migration up the St. Lawrence River and placed eels in an 

environment where conditions could be measured to study young eels in the natural 

environment. This experimental stocking program provided a unique opportunity to refine the 

use of stable isotopes to study a complex and enigmatic fish. The ultimate application of stable 
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isotopes in fish ecology will be to uncover the life histories of the most complex and 

inaccessible species. In chapters two, three, and four, we used controlled laboratory rearing of 

American eels to isolate and measure the factors that influence ɻ13C and ɻ18O of otoliths. We 

also developed a method for diadromous fish otoliths to isolate the otolith material formed in 

fresh water. This study of stocked eels represents a necessary intermediate step of testing 

these laboratory findings in a simplified natural environment before stable isotopes can be used 

to study wild eels. 

The general purpose of this study was to use the stable isotope compositions of otoliths 

as a biological tool to elucidate the thermal and ecological associations of American eel elvers 

after stocking. This study had three objectives to determine: (1) if 1ɻ8O and ɻ 13C of otoliths can 

be used to determine geographical habitat use and dispersal after stocking; (2) if 1ɻ8O of 

otoliths can be used to estimate water temperature of eels living in the natural environment; 

and (3) if habitat use is influenced by age, year class, body size (growth rate), prey availability, 

and temperature. 

Materials and Methods 

Collection of Stocked Eels 

Stocked eels were captured in the upper St. Lawrence River near Mallorytown Landing, 

Ontario, using an electrofishing boat (methods outlined in Casselman and Marcogliese, 2009). 

Eels were collected from shoreline transects during both day and night from the St. Lawrence 

River (n = 216 eels) and from Jones Creek (n = 238), a tributary and major stocking location, in 

September and October of 2008, May and October of 2009, April, June, and October of 2010, 
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and May and June of 2011, 2012, and 2013. The creek was sampled at two main locations 

(upper creek and mouth) and the St. Lawrence River was sampled at 16 locations that were 0.1 

to 11 km upstream of Jones Creek and one location that was 2.5 km downstream of Jones Creek 

(Figures 5.1A and 5.1B). Although locations appear as discrete points in Figure 5.1, over 1000 m 

of shoreline was electrofished inside Jones Creek, and many of the island locations in the St. 

Lawrence River were fished around their entire perimeter. Electrofished eels were dip-netted 

and placed in a holding tank. Individual fresh body length (nearest mm) and mass (nearest 0.1 

g) were recorded. Fish were then frozen until they could be thoroughly necropsied. During 

necropsy, the stomach contents of all eels were examined, of which 271 contained prey items. 

Stomach contents were identified down to the lowest possible taxon (order) and weighed to 

the nearest 0.01 g by wet-weight.  

Water Temperature Measurements  

Temperature loggers (HOBO UTBI-001 TidbiT v2 Temperature Data Logger, Onset) 

recorded temperature every 15 seconds and were placed at three locations from 2011 to 2013: 

(1) inside the mouth of Jones Creek, (2) at a dock in the St. Lawrence River across from Raleigh 

Island, and (3) on the south side of Renny Island in the main channel of the St. Lawrence River 

(Figure 5.1).  

Water temperatures from 2006 to 2010, before the temperature loggers were deployed 

in 2011, were estimated. Mean daily water temperature data from 2006 to 2010 were obtained 

from the Invista plant at Maitland, Ontario (data were archived and made available by John 

Casselman). These data were collected from the St. Lawrence River 23 km downstream from 
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Jones Creek. Detailed analysis of Invista long-term datasets and continuously recording 

temperature loggers placed at the three sampling sites in subsequent years (2011–2013) were 

used to determine a relationship between each site and Invista temperatures and create an 

estimated temperature profile for each site from 2006 to 2010. To estimate habitat 

temperature as it relates to otolith growth, the start of the growing season was marked by 

either the stocking date if the fish was in its first growing season, or the day at which the water 

temperatures rose above 10oC if the fish was older. This temperature was chosen as the 

threshold temperature because otolith growth of small Japanese eels (Anguilla japonica) is 

thought to commence at 10oC (Fukuda et al., 2009). Cieri and McCleave (2001) found that glass-

phase American eel otoliths still deposited daily increments below 12oC, but we found very 

little growth in American eel otoliths reared at 10oC (Chapter 2). A threshold temperature of 

10oC for American eels was also used by Jessop (2010). Because eels largely cease active 

movement and feeding below temperatures of 10oC, otolith growth above 10oC reflects the 

conditions that are metabolically relevant and contribute to growth.  

Collection of Water Samples 

Water samples were collected from five locations inside Jones Creek and five locations in 

the St. Lawrence River between October 2010 and July 2013 (Figure 5.1). Samples were 

collected in 25-mL brown bottles and rinsed three times at the sampling site before collection. 

Stable Carbon and Oxygen Isotope Analysis of otoliths and water  

All analyses were performed at the Queen’s Facility for Isotope Research (QFIR) in Kingston, 

Ontario. The stable isotope ratios were expressed in parts per thousand (‰) in the delta notation 
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( )ɻ relative to Vienna Standard Mean Ocean Water (VSMOW) for oxygen and Vienna Pee Dee 

Belemnite VPDB for carbon: 

‏
Ὑ Ὑ

Ὑ
 

where R is the ratio of the heavy to the light isotope (e.g., 18O/16O, 13C/12C). 

Otoliths were analyzed in suites of 60 vials with 10 interspersed vials containing certified 

reference materials and two empty vials as blanks. The otolith samples and standards were 

placed in 12-mL round-bottom borosilicate vials and flushed with helium to remove 

atmospheric CO2. Each otolith was then dissolved in 100% anhydrous phosphoric acid at 72oC, 

releasing CO2 gas, which was then analyzed for its stable carbon and oxygen isotope 

compositions using a Thermo ScientificTM GasBench II (GB) coupled in continuous-flow mode 

(CF) to a DeltaPlus XP Stable Isotope Ratio Mass Spectrometer (IRMS)).  

The ɻ 18O and ɻ 13C of otoliths were calibrated to Vienna Standard Mean Ocean Water 

(VSMOW) and Vienna Pee Dee Belemnite (VPDB) using international standard NBS 19 (accepted 

values: ɻ 18O = +28.65‰, 1ɻ3C = +1.95‰) and DOL2, a secondary internal laboratory standard 

made from dolomite (accepted values: 1ɻ8O = +22.2‰, 1ɻ3C = +1.1‰). Reproducibility for NBS 

19 was ± 0.20‰ for 1ɻ8O and ± 0.15‰ for 1ɻ3C (n = 24). Reproducibility for DOL2 was ± 0.20‰ 

for 1ɻ8O and ± 0.16‰ for 1ɻ3C (n = 33). 

The oxygen isotope compositions of water samples from Jones Creek and the St. 

Lawrence River were determined by placing approximately 2-mL of water from each sample in 

12-mL flat-bottom borosilicate vials, which were then flushed with a mixture of 3% CO2 and 
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helium to remove atmospheric CO2. Vials were left to equilibrate at 25oC for three days. Once 

equilibrated, the CO2 was extracted and analyzed by GB-CF-IRMS, as described above for the 

otoliths. 

Proportional Weighting to Factor out the Marine Portion of the Otolith in a Catadromous Fish  

 All eels that were stocked in the upper St. Lawrence River were wild-sourced, meaning 

they were captured near the Gulf of the St. Lawrence and then translocated to stocking 

locations. Consequently, their otoliths contained a previous history formed in a marine 

environment during the leptocephalus and glass eel phase. As otoliths grew larger, the marine 

portion of the otolith became proportionally smaller. On average, for age one eels, the glass eel 

phase represented ~12.2% of the total otolith mass. In older eels – ages 2, 3, 4, 5, and 6 – the 

glass eel phase represented ~3.4, 2.6, 1.5, 1.0, and 0.7 % of the otolith by mass. Using methods 

outlined in Chapter 2, proportional weighting of otoliths by volume was used to correct the 

isotopic composition of the otolith to that arising only from growth in fresh water after 

stocking. 

Otolith Preparation and Age Interpretation 

 Left and right sagittal otoliths were removed from each eel and cleaned in distilled 

water and 80% ethanol. Both otoliths were desiccated for 48 hours and weighed to the nearest 

0.0001 mg several times to ensure consistency, then submersed in 60% glycerol and 

photographed under fibre optic, transmitted, and ultraviolet light. Otoliths were then washed 

with distilled water and 80% ethanol to remove the glycerol. All eels utilized in this study were 

determined to be stocked fish by viewing their otoliths under ultraviolet light to confirm the 
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presence of a tetracycline stocking label. Right otoliths were analyzed for 1ɻ8O and ɻ 13C, and 

left otoliths were used for age and growth interpretation.  

 Age interpretation was conducted on the transverse thin cross-section of the left otolith 

viewed in transmitted and ultraviolet light using methods described by Casselman (2008). In 

this study, age is referred to in terms of “calendar age”, which is the number of completed or 

nearly completed years of life. All fish were collected either at the start of the growing season 

before new otolith growth had commenced, or at the end of the growing season when otolith 

growth had ceased or virtually ceased. This terminology was used to standardize the 

measurement of age and growth, since a fish otolith growing season does not follow a standard 

January to December calendar year (Casselman, 1987).  

Estimated Temperature Profiles Using δ18O of Otoliths 

 The following equation was used to calculate water temperature using the 1ɻ8O of otoliths 

of individual eels (Chapter 2):  

ρπππÌÎ‌ ρτȢσπρπ Ὕϳ ρψȢφυȟ 

where T is the water temperature in kelvin (K), and ahragonite-water is the individual fractionation 

factor calculated using the measured 1ɻ8O of otoliths and water, as follows: 

‌  
‏ ὕ ρπππ

‏ ὕ ρπππ
 

The mean measured ɻ18O of the water sampled closest to where each eel was living was used to 

calculate α.  
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Statistical Analysis 

Statistical analyses were performed using SPSS and figures were generated using 

SigmaPlot and R.  

We conducted a discriminant function analysis (DFA) using SPSS to distinguish eels among 

19 capture locations and six biogeochemical regions using 1ɻ3C and ɻ18O of otoliths. The 

classification function, using ɻ13C and ɻ18O, yielded a correct classification rate (%) for each 

location. A correct classification occurred when an eel was correctly matched to its capture 

location based on ɻ 13C and ɻ18O of its otoliths. The accuracy of assignments was tested using 

the jackknife method of sequential removal of individual data points.  

We applied a hierarchical cluster analysis to group (cluster) otoliths of similar ɻ13C, 

regardless of capture location. We set the number of clusters at three, a priori, so that ɻ 13C of 

otoliths would be clustered into three groups corresponding to two isotopically distinct 

environments (creek and river) and also a group that was intermediate to the creek and river. 

We used the between-groups linkage method of clustering and squared Euclidian distances.   

Results 

Temperature profile and δ18O of Jones Creek 

The seasonal water temperature profile of Jones Creek (TL1) from 2006 to 2013 ranged 

from 10.0 to 27.4oC (Figure 5.2A). Growing degree-day (GDD, oC·day), which is the time integral 

of mean daily temperatures at or above a threshold of 10oC, for each year were 2006:1658, 

2007:1667, 2008: 1737, 2009:1608, 2010:1804, 2011:1780, 2012: 1949, 2013:1671. The 

average length of a growing season (temperatures ≥ 10oC) in Jones Creek was 187 days. The 
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mean ɻ 18O of the water was –8.4 ± 0.70‰ and ranged from –10.4 to –7.8‰ across all years and 

seasons (Table 5.1).   

Temperature profile and δ18O of the St. Lawrence River 

The St. Lawrence River (TL2) was slightly cooler than Jones Creek (TL1) and ranged from 

10.0 to 24.6oC seasonally (Figure 5.2B). GDD at or above a threshold temperature of 10oC for 

each year were 2006:1286, 2007:1403, 2008: 1395, 2009:1219, 2010:1432, 2011:1355, 2012: 

1618, 2013:1394(oC·day). On average, GDD in the St Lawrence River was 346 (oC·day) lower 

than Jones Creek per year. The average length of a growing season in the St. Lawrence River 

was 177 days. The mean 1ɻ8O of the St. Lawrence River was –7.2 ± 0.55‰ and it ranged from –

7.8 to –6.7‰ across all years and seasons (Table 5.1). 

Temperature profile and δ18O of the area outside of the mouth of Jones Creek 

The temperature logger placed outside of the mouth of Jones Creek (TL3) had a similar 

temperature profile to the St. Lawrence River (TL2) and ranged from 10.0 to 25.0oC seasonally 

(Figure 5.2C). GDD at or above a threshold temperature of 10oC for each year was 2006:1340, 

2007:1423, 2008: 1442, 2009:1276, 2010:1529, 2011:1428, 2012: 1633, 2013:1432(oC·day). The 

average length of a growing season was 173 days. The mean ɻ18O of the area where Jones 

Creek merged into the St. Lawrence River was –7.5 ± 0.58‰ and it ranged from –8.4 to –6.7‰ 

across all years and seasons (Table 5.1). 
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Does δ18O and δ13C of otoliths reflect capture location? 

Eels were captured from 19 locations indicated in Figure 5.1. The ɻ 18O and ɻ 13C of eel 

otoliths generally increased across capture locations arranged in order from inside Jones Creek 

to those in the St. Lawrence River (Figures 5.3A and 3B). However, the differences in ɻ18O and 

1ɻ3C of otoliths were not enough to discriminate among the 19 locations (discriminant function 

analysis, Table 5.2). Overall, 34.8% of eels were correctly classified into locations that matched 

their capture location using ɻ18O and ɻ 13C of otoliths. Classification success was lowest among 

locations in the St. Lawrence River (Table 5.2). 

The 19 capture locations were then grouped into six nearshore habitat categories, based 

on biogeochemical gradients in the St. Lawrence River, near Cornwall, described by Barth and 

Veizer 1999. The six categories (regions) used in our study were: (1) inland creek, (2) mouth of 

creek, (3) area directly outside creek where mixing occurs with the St. Lawrence River, (4) bay, 

(5) St. Lawrence River nearshore to mainland and downstream to creek, and (6) main channel 

of St. Lawrence River nearshore to islands and upstream to creek. The 1ɻ8O and ɻ 13C of otoliths 

of eels from these six regions are shown in Figures 5.4A and 5.4B. These biogeochemical-based 

groupings provided higher classification success than capture location for eels from 18 of the 19 

capture groups (DFA using 1ɻ8O and ɻ 13C of otoliths, Table 5.2). Classification success increased, 

on average, by 30% among capture groups when biogeochemical regions were used instead of 

precise capture location (Table 5.2). Overall, DFA using ɻ18O and ɻ 13C of otoliths correctly 

classified 54.2% of eels into their predicted biogeochemical region. The highest degree of 

overlap in eels predicted to biogeochemical regions occurred either within the two creek 
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regions or among the four regions in the St. Lawrence River. There were also 21 eels captured 

in creek regions that were classified into river regions, and 4 eels captured in river regions that 

were classified to creek regions (Table 5.2). Additionally, 22 eels captured in river regions away 

from the creek mouth were predicted to the region where the creek mixes with St. Lawrence 

River (Table 5.2), which suggested they had lived in, or near, the creek at some point during 

their lives. 

Since there was a large degree of overlap in ɻ18O and ɻ 13C of otoliths among the six 

biogeochemical regions, eels were categorized into two broad groups: eels captured inside 

Jones Creek and eels captured in the St. Lawrence River. There was a statistically significant 

difference in ɻ 18O and ɻ 13C of otoliths between eels captured inside Jones Creek and eels 

captured in the St. Lawrence River (oxygen: independent samples t-test, t = –30.9, df = 452, p < 

0.01, Figure 5.5A; carbon: independent samples t-test, t = –43.6, df = 452, p < 0.01, Figure 5.5B). 

When ɻ 18O was plotted versus ɻ13C of otoliths, the two main data clusters generally matched 

capture location (creek and river, Figure 5.6). Evidently, the “creek” and “river” environments 

were distinct enough to produce isotopic differences in eel otoliths. Despite this overall 

separation, there were a number of eel otoliths with 1ɻ8O and ɻ 13C that was intermediate to 

the “creek” or “river” cluster centroids and also otoliths that indicated eels had been living in 

the opposite environment of where they were captured (Figure 5.6).   

Differences in size-at-age of eels living in the creek and river 

Generally, eels captured in the St. Lawrence River had grown to a larger body size at age 

than eels living in Jones Creek (Figure 5.7). There was a significant difference in body length 
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(mm) within each age group of eels captured inside Jones Creek and eels captured in the St. 

Lawrence River (Welch t-test, p < 0.01 for comparisons within ages one, two, three, four, and 

five, Figure 5.7). Sample sizes were too small for comparison of age 6 and 7 eels.  

Differences in thermal growth in the creek and river 

Eels living in the St. Lawrence River grew to a larger size despite receiving fewer thermal 

units for growth than eels in Jones Creek (Figure 5.8). There was a significant relationship 

between final body size (mm) and GDD determined using temperature loggers at capture 

location (linear regressions – Jones Creek: p < 0.01, R2 = 0.61, F = 360, and St Lawrence River: p 

< 0.01, R2 = 0.59, F = 323, Figure 5.8A). The slope was higher in the linear relation for the St. 

Lawrence River (TL = 27.64 + 0.079GDD) compared to Jones Creek (TL = 82.91 + 0.039GDD). 

When GDD was determined using temperatures estimated by ɻ 18O of otoliths, there was a 

significant relationship between final body size (mm) and GDD (linear regressions – Jones Creek: 

p < 0.01, R2 = 0.47, F = 175, and St Lawrence River: p < 0.01, R2 = 0.35, Figure 5.8B). The slope 

was higher in the linear relation for the St. Lawrence River (TL = 180.75 + 0.041GDD) compared 

to Jones Creek (TL = 121.75 + 0.029GDD). 

Stomach contents 

The five most important prey orders for eels living in Jones Creek, by frequency of 

occurrence, were Odonata (34%), Decapoda (18%), Isopoda (14%), Amphipoda (11%), and 

Trichoptera (6%) (Figure 5.9). For eels living in the St Lawrence River, Decapoda (30%), 

Gobiformes (14%), Odonata (11%), Trichoptera (10%), and Ephemeroptera (10%) had the 

highest frequency of occurrence (Figure 5.9).  
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Stomach contents represent a “snapshot” of recent diet, but do not reflect the lifetime 

contribution of ɻ 13C from diet to the ɻ 13C of the whole otolith. Therefore, Figure 5.10 is only 

meant to provide a visual comparison of 1ɻ3C of otoliths of eels that had consumed various diet 

items in Jones Creek and the St. Lawrence River. There appear to be greater differences in ɻ13C 

of otoliths between location than among eels consuming different prey items within a single 

location. Within a location, the differences in ɻ 13C of otoliths of eels that fed from different 

trophic levels (e.g. Amphipoda and Decapoda in Jones Creek) were much smaller than the 

differences among eels that consumed Amphipoda and Decapoda in the St. Lawrence River. 

Therefore, ɻ 13C of otoliths mainly reflected the base ɻ13C of the creek and river food webs 

(which relate to the ɻ13C of DIC of water) rather than different prey items within each food 

web. This suggested that ɻ13C of otoliths reflected geographic location, regardless of the prey 

type or trophic level from which an eel was feeding. 

δ13C of otoliths as an indicator of habitat use 

Eel otoliths of intermediate ɻ13C were either (1) eels that had lived in the area where the 

mouth of the creek mixes with the river to produce an “intermediate” environment, or (2) eels 

that had migrated between the creek and river during their lifetime which resulted in ɻ 13C that 

was “intermediate” to the two habitats. When 1ɻ3C and ɻ 18O of eels were color-coded by 

capture location, the otoliths of eels captured from the area just outside the mouth of Jones 

Creek (locations 3, 4, 5, 6; Figure 5.1) had ɻ 13C and ɻ 18O that was more similar to “river” eels, 

suggesting (2) was the more likely explanation (Figure 5.11A). 
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Here, we employed a new method of assigning eels to habitat based on ɻ13C of their 

otoliths, allowing each eel to indicate where it had lived, rather than using its capture location. 

Hierarchical cluster analysis using 1ɻ3C of otoliths was used to classify eels into three 1ɻ3C 

clusters (Figure 5.11B). These ɻ 13C clusters corresponded to 3 types of habitat use: (1) exclusive 

to Jones Creek (cluster 1, n = 203 eels), (2) exclusive to the St Lawrence River (cluster 2, n = 222 

eels), and (3) equal use of both the creek and river habitats (cluster 3, n = 29 eels). Based on 

this cluster analysis, 60 eels were reassigned to a habitat that was different than their capture 

location (points that changed color between Figure 5.11A and B).  

The ɻ 13C of otoliths was then used to determine the proportion that each fish lived in the 

creek or river. The Euclidean distance between 1ɻ3C of each otolith to the mean ɻ13C of cluster 

1 and cluster 2 (Figure 5.11B) was used to calculate the proportion of each otolith that relates 

to a creek and river ɻ13C (Figure 5.12). Of the 454 eels in this study, 256 eels indicated some 

degree of dual-habitat use based on ɻ13C of their otoliths (Figure 5.12). There was a greater 

incidence of dual-habitat use in eels captured inside Jones Creek (Figure 5.12A) than in the St. 

Lawrence River (Figure 5.12B and 5.12C).  

δ18O of otoliths as a predictor of water temperature 

To accurately predict water temperature using 1ɻ8O of otoliths, it is necessary to have a 

representative estimate of the ɻ 18O of the water in which the fish was living. We tested the 

following three methods of ɻ18O assignment and then compared otolith-estimated 

temperatures from each method to temperature loggers from each habitat: (1) 1ɻ8O of the 

water assigned by capture location, (2) ɻ18O of the water assigned through hierarchical cluster 
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analysis using ɻ13C of otoliths to classify eels into three clusters that correspond to three 

locations, and (3) ɻ18O of the water estimated individually based on proportional habitat use of 

creek and river, indicated by ɻ13C of otoliths. For methods 1 and 2, the average ɻ18O of the 

water for Jones Creek (–8.4 ± 0.70‰), the area outside the mouth of Jones Creek (–7.5 ± 

0.58‰), and the St. Lawrence River (–7.2 ± 0.55‰) (Table 5.1) were combined with the otolith-

water oxygen isotope geothermometer (Chapter 2) to predict water temperature experienced 

by each eel. Otolith-predicted water temperature was then compared to the measured habitat 

temperature recorded by temperature loggers at the same three locations (Figure 5.2). For 

method 3, the mean ɻ18O of the water and the temperature logger profile of Jones Creek (1ɻ8O 

of –8.4‰ and TL1) and the St. Lawrence River (1ɻ8O of –7.2‰ and TL2) were proportionally 

weighted to reflect the degree of creek and river habitat use indicated by 1ɻ3C of each otolith.  

Comparison of the three δ18O assignment methods for all eels  

The ɻ 18O of the otoliths of all 454 eels predicted water temperature within –0.05 ± 2.43oC 

of the temperature loggers using method 1 (Figure 5.13A), within 0.48 ± 2.0oC using method 2 

(Figure 5.13B), and within 0.39 ± 2.03oC using method 3 (Figure 5.13C, Table 5.3). Visual 

inspection of histograms and normal Q-Q plots among methods showed that the data became 

slightly more normally distributed when methods 2 and 3 were used, particularly at the 

extremes. The normal Q-Q plots display the observed percentiles in the distribution on the y-

axis versus the percentiles of a theoretical normal distribution on the x-axis. If the observed 

distribution matches the shape of the normal distribution, the plotted points should follow an 

isometric relationship. The differences across methods were diluted when all 454 eels were 
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compared because of the large number of eels that showed 100% habitat fidelity and thus did 

not change when different methods were applied. In the following sections, eels with 100% 

habitat fidelity are removed and we focus on eels that were reclassified into a different habitat 

than their capture location.     

Comparison of the three δ18O assignment methods for eels classified to a different habitat 

than their capture location based on δ13C of otoliths 

The ɻ 18O of otoliths of reclassified eels predicted water temperature within –1.97 ± 

3.98oC of the temperature loggers using method 1 (Figure 5.14A), within 2.04 ± 1.63oC using 

method 2 (Figure 5.14B), and within 1.01 ± 1.77oC using method 3 (Figure 5.14C, Table 5.3). The 

percentage of otoliths that predicted habitat temperature within –4oC to 4oC increased from 

67% (method 1) to 93% and 95% (methods 2 and 3, respectively, Table 5.3). When method 3 

was used, 67% of otoliths predicted habitat temperature within –2oC to 2oC, compared to 47% 

(method 2) and 37% (method 1) (Table 5.3). When eels were assigned to habitat based on 

capture location (method 1, Figure 5.14A), the otolith geothermometer predictive error values 

were spread over the widest range. When eels were assigned to three general habitat groups 

based on ɻ13C of otoliths (method 2, Figure 5.14B), the otolith geothermometer predictive error 

values were more narrowly distributed around the mean, indicating the otolith-predicted 

temperatures more closely matched habitat temperatures. When eels were assigned individual 

habitat estimates using ɻ13C of otoliths to determine proportional use of creek and river 

habitats (method 3, Figure 5.14C), the otolith geothermometer predictive error values were 

also more narrowly distributed (compared to method 1) and center around a mean that is 
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closest to zero. Visual inspection of normal Q-Q plots suggested that method 3 most closely 

follows a normal distribution.  

Comparison of the three δ18O assignment methods for eels that were classified as 

intermediate to the creek and river habitat based on δ13C of otoliths 

For eels classified as intermediate to the creek and river, 1ɻ8O of otoliths predicted water 

temperature within –2.55 ± 3.29oC of the temperature loggers using method 1 (Figure 5.15A), 

within 2.16 ± 1.73oC using method 2 (Figure 5.15B), and within 0.04 ± 1.51oC using method 3 

(Figure 5.15C, Table 5.3). The percentage of otoliths that predicted habitat temperature within 

–4oC to 4oC increased from 69% (method 1) to 90% and 97% when methods 2 and 3 were used. 

When method 3 was used, 79% of otoliths predicted habitat temperature within –2oC to 2oC, 

compared to 38% (method 2) and 10% (method 1). When eels were assigned to habitat based 

on capture location (method 1, Figure 5.15A), the otolith geothermometer predictive error 

values were spread out over the widest range. When eels were assigned to three general 

habitat groups based on ɻ13C of otoliths (method 2, Figure 5.15B), the otolith geothermometer 

predictive error values were more narrowly distributed around the mean, indicating the otolith-

predicted temperatures more closely match habitat temperatures. When eels were assigned 

individual habitat estimates using ɻ13C of otoliths to determine proportional use of creek and 

river habitats (method 3, Figure 5.15C), the otolith geothermometer predictive error values 

were also more narrowly distributed (compared to method 1) and center around a mean that is 

closest to zero. Visual inspection of normal Q-Q plots indicated that method 3 most closely 

followed a normal distribution.  
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How do habitat switches relate to age, body size, and year class?  

The ɻ 13C of otoliths of 60 eels in this study indicated that they had lived in a habitat that 

was different from their capture location. Compared to the overall population, the 60 eels that 

changed habitat were mainly age 3 and 4 years and 300–400 mm in body length (Figure 5.16, 

panels A–D). Eels from all year classes, other than 2010, appeared to change habitat (Figure 

5.16, panels E and F). The overall distribution of year classes of the eels that changed habitat 

generally matched that of the overall population, although more eels from the 2008 year class 

changed habitat compared to the overall population.   

Discussion 

Objective 1: Can δ18O and δ13C of otoliths be used to determine geographical habitat use and 

dispersal after stocking?  

Could δ18O and δ13C of otoliths be used to distinguish eels from different capture locations? 

Examining ɻ13C and ɻ18O of otoliths allowed us to distinguish eels living in the St. 

Lawrence River from those living in a creek tributary and demonstrated that stable isotopes can 

reflect general geographical habitat use. Eels classified well into “creek” and “river” groups, but 

1ɻ8O and ɻ 13C of otoliths could not provide enough resolution to separate eels from the 19 

specific capture locations, or broader groupings of six nearshore habitat categories, particularly 

among sites in the St. Lawrence River. However, this level of resolution was generally consistent 

with the stable carbon and oxygen isotope compositions of DIC and water in the region.  

The St. Lawrence River has relatively small variations in 1ɻ3C of DIC along its entire length, 

even with seasonal variation, because of its large volume and flow that is fed by the Great Lakes 
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(Hélie et al., 2002; Weiler and Nriagu, 1973). Tributaries, like creeks, have small volumes and 

more localized watersheds, and have the potential for the ɻ13C of DIC to vary considerably with 

season. Creeks are generally depleted of 13C relative to open water systems because of their 

high turnover of organic material and seasonal influx of isotopically negative groundwater 

(Barth and Veizer, 1999). By comparison, fluctuations due to processes like bacterial respiration 

and photosynthesis in the St. Lawrence River are generally masked by the large volume and 

long residence time of isotopically “buffered” water from the Great Lakes, causing the river to 

oscillate in approximate equilibrium with atmospheric CO2. In this study, otoliths of eels living in 

Jones Creek were depleted of 13C, on average, by ~7.3‰ relative to eels living in the St. 

Lawrence River. The uniformity of the St. Lawrence River and proximity of the study site to the 

Great Lakes meant there was likely very little variation in ɻ13C of DIC of the water among sites 

in the St. Lawrence River, which resulted in the overlap among 1ɻ3C of otoliths of eels captured 

in the St. Lawrence River.  

Similarly, the ɻ 18O of the St. Lawrence River has a narrow range of –8.4 to –6.1‰ (Yang et 

al., 1996; Barth and Veizer, 1999; Rosa et al., 2016), whereas tributaries have a broader range 

of –15.4 to –8.5‰ (Yang et al., 1996; Rosa et al., 2016) because they are influenced by input 

from local precipitation (average annual composition: –9.1‰ measured 1999–2019 at Point 

Petre, Picton, ON, unpublished data, F. J. Longstaffe) and groundwater (–11.8 to –9.8‰, Cane 

1996), particularly during peak runoff periods. In this study, the ɻ18O of the water in Jones 

Creek (–8.4‰) was, on average, 1.2‰ lower than the St. Lawrence River (–7.2‰). The 1ɻ8O of 

eel otoliths captured in Jones Creek (+22.2‰) was also, on average, 1.2‰ lower than otoliths 
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of eels captured in the St. Lawrence River (+23.4‰). Jones Creek had a higher seasonal 

variation in ɻ 18O than the St. Lawrence River (range of 2.6 and 1.1‰, respectively) which was 

reflected by a higher variation in ɻ18O of otoliths in Jones Creek compared to eels captured in 

the St. Lawrence River (Figure 5.5A). The area just outside of the mouth of Jones Creek, where 

water mixes with the St. Lawrence River, was included as a study site because it was predicted 

to be of intermediate ɻ18O to the river and creek tributary. However, its measured 1ɻ8O of –

7.5‰ was quite similar to the St. Lawrence River (–7.2‰), likely because the large volume and 

flow of the St. Lawrence River overwhelmingly diluted any water flowing from the creek. 

Furthermore, the otoliths of eels captured in the area outside of the mouth of Jones Creek were 

not of intermediate ɻ 18O and ɻ 13C, but appeared to match otoliths of fish living in the river 

(Figure 5.11A). The measured water samples, broad groupings of eel otoliths, and predicted DIC 

for this region, all suggested the existence of two isotopically different environments in this 

study: creek and river. Yet, some eel otoliths had intermediate ɻ 18O and ɻ 13C. Since we did not 

find any evidence of an isotopically intermediate environment, these otoliths of intermediate 

1ɻ8O and ɻ 13C likely resulted from eels migrating between the creek and river.    

Mismatch between capture location and location indicated by δ18O and δ13C of otoliths 

The ɻ 18O and ɻ 13C of the 60 eel otoliths that did not match the geochemistry of their 

capture location were likely because those eels had not been living where they were captured, 

not because the isotopes were erroneous. Capture location is commonly assumed to represent 

where a fish was living, but it is only a “snapshot” of where that fish was the moment that it 

was captured. The mismatch between capture location and true environment is greatest for 
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migratory species, fish with large home ranges, and older fish that have experienced multiple 

growing seasons. In this study, stable isotopes of otoliths revealed that 13% of eels had been 

living for the majority of their life in a completely different environment than where they were 

captured, and 56% of eels had undergone some degree of habitat change after stocking. 

Without the isotopic data, this migration outside of stocking locations would have been 

undetected because all eels were marked with the same tetracycline stocking label and then 

stocked in both the river and creek. For example, based on traditional methods of assessing 

post-stocking dispersal, an eel captured in the St. Lawrence River would have otherwise been 

assumed to have also been stocked in the river. Incorporating stable isotopes of otoliths into 

post-stocking monitoring provides important insight into fish that use, and possibly require, 

multiple types of habitat to be connected to their stocking site.  

δ13C of otoliths as an indicator of habitat use (percentage creek or river) 

A new method was developed in this study that used ɻ 13C of otoliths to determine a 

percentage of creek and river residency for each eel. Previous controlled rearing experiments 

established ɻ 13C as an ideal habitat tracer because eel otoliths derive ɻ13C exclusively from 

factors that reflect ɻ13C of the environment (50% from diet and 50% from DIC in the water, 

Chapter 3), with no influence of metabolic rate (Chapter 4). The 1ɻ3C of a food web is derived 

from the ɻ 13C of primary producers at the base of the food web, which ultimately derive ɻ 13C 

from DIC of the water. Enrichment per trophic level is typically <1‰ and isotopic fractionation 

is commonly negligible (Vander Zanden and Rasmussen, 2001). As such, an eel feeding and 

living in the same environment will essentially receive the same base 1ɻ3C from all carbon 
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sources (diet and DIC). This concept was demonstrated, quite generally, by greater differences 

between ɻ 13C of otoliths of eels captured in the creek and river than among eels consuming a 

range of prey types within the creek or river (Figure 5.10). Distinct differences in base ɻ13C 

among environments are necessary for 1ɻ3C tracing studies. Previous studies that exclusively 

use ɻ 13C of otoliths (Schwarcz et al., 1998; McMahon et al., 2011), muscle (Fuji et al., 2011), and 

even whale baleen (Trueman et al., 2019) to trace habitat use and migration are conducted in 

regions that have large variation in base 1ɻ3C, such as estuaries, coastal wetlands, mangroves, 

seagrass beds, and continental shelves. Our method of using 1ɻ3C of otoliths to calculate precise 

habitat use worked well because of large differences in 1ɻ3C of DIC of the river and creek 

tributary that produced two isotopically distinct environments. The average difference in ɻ13C 

of ~8‰ between otoliths of eels captured in the creek (n = 203) and river (n = 222), allowed for 

each eel to be examined relative to the mean 1ɻ3C of otoliths from each location to determine 

the percentage of their ɻ13C that came from the creek and river. This allowed us to distinguish 

the eels that used both habitats from those that showed 100% habitat fidelity. Evidently, 1ɻ3C 

revealed the diversity in habitat use strategies among eels, even within each age group, which 

emphasized the need to consider habitat use on an individual basis (Figure 5.12).  

Objective 2: Can the δ18O of otoliths be used to estimate water temperature of eels living in 

the natural environment?  

Eel otoliths estimated water temperature within ~0.5oC of the environment, on average, 

demonstrating that the otolith-water oxygen isotope fractionation equation developed for 

American eels in the laboratory (Chapter 2) worked well when applied to eels in the natural 
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environment. However, this field study revealed the susceptibility of this approach to 

inaccurate estimates of ɻ18O for the water where a fish was living, particularly for fish that 

move through different environments. Temperatures calculated using oxygen isotope 

compositions of otoliths and capture-location water for eels that had not been living for a 

substantial period of time at their capture location, as indicated by 1ɻ3C of their otoliths, did not 

match measured water temperature at the site of capture (Figures 5.14A and 5.15A). Accurate 

estimates of ɻ18O of the environment experienced by individual fish require comprehensive 

data for the ɻ 18O of water bodies in the environment, particularly for freshwater tributaries, as 

well as knowledge of exactly where a fish was living and for how long. 

δ13C of otoliths can improve the accuracy of temperature predictions based on δ18O  

The ɻ 13C of otoliths offers a way to improve field estimates of temperature by providing a 

record of habitat use that more accurately reflects the totality of 1ɻ8O of water experienced by 

an individual fish. When proportional habitat use is factored into estimates of ɻ18O of water, 

instead of capture location, the percentage of otoliths that predict temperature within 2oC of 

the environment increases by 30% for eels that used multiple environments, and 69% for eels 

that equally used two environments (Table 5.3). When this method was applied to the otoliths 

of all 454 eels, only the temperature estimates that required correction because of multi-

habitat use were modified and those of eels that reflected 100% habitat fidelity to either the 

creek or river were left unaltered (Figure 5.13). This assessment implies that this correction 

method can be broadly applied to temperature estimates of all fish in a study and only those 

that require the correction will be modified.  
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Objective 3: Is habitat use influenced by age, year class, body size (growth rate), prey 

availability, and temperature requirements? 

Patterns of habitat use varied among individuals; while most eels showed either 100% 

habitat fidelity (44%) or only a small degree of multi-habitat use (43%), 13% of eels underwent 

a definitive switch in primary habitat use. Despite their extensive migrations (up to 6000 km) at 

the beginning and end of their lives, freshwater eels are surprisingly sedentary once they reach 

their maturing grounds. Tagging studies of naturally recruited American eels classified >70% of 

eels as sedentary because they were either recaptured <1 km from their tagging area (mean TL 

457 mm, Morrison and Secor, 2003) or consistently detected at the acoustic array closest to 

their release location (TL > 580 mm, Béguer-Pon et al., 2015). Japanese eels also have short 

home ranges of ~0.085 km2 (mean TL 555 mm, Itakura et al., 2018), and a European eel tagging 

study recaptured 90% of eels at their tagging site up to 7 years later (mean TL 313 mm, Laffaille 

et al., 2005). We found that this sedentary lifestyle was also present in stocked eels that 

circumvented their upstream migration. Stable carbon isotopes of otoliths indicated very little 

movement of eels, especially in the first two years after stocking.  

One major habitat use pattern that we observed was that eels that changed habitat were 

mainly age 3 and 4 years and 300–400 mm in body length. The carbon isotope compositions of 

otoliths indicated that eels mainly remained at one stocking location (creek or river) until they 

grew to a certain age or body size. A significant (and often single) habitat change around age 3–

4 years and 300–400 mm has also been observed in the European eel (Laffaille et al., 2003), 

Japanese eel (Guo et al., 2011), New Zealand longfin and shortfin eels (Glova et al., 1998), and 
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the American eel (Benchetrit et al., 2017). It is remarkable that this habitat change occurs at 

precisely the same size and age among multiple anguillid species living in a wide variety of 

ecosystems. This habitat shift has mainly been documented as a movement across salinity 

gradients, or migration between fresh water, brackish, and marine environments, using trace 

elements present in otoliths (Glova et al., 1998; Guo et al., 2011; Benchetrit et al., 2017; 

Daverat et al., 2006). This study of stocked eels, however, shows that this same habitat change 

pattern also occurs within an exclusively freshwater environment. A change in habitat within a 

narrow range of age and size classes is clearly an important part of the eel life cycle, but it is not 

driven by salinity.  

Diet and prey availability 

Possibly changes in habitat use are related to changes in dietary requirements for somatic 

or reproductive growth at a specific life stage in eels. We found a higher occurrence of small 

invertebrates in the stomachs of eels living in Jones Creek, whereas stomachs of eels in the St. 

Lawrence River contained more high-lipid prey items such as fish. Stomach content profiles 

revealed differences in prey type and availability between the creek and river. Previous studies 

of eel diet have found that smaller eels (<300 mm) predominantly feed on benthic 

invertebrates such as Amphipoda, Ephemeroptera, Trichoptera, and Megaloptera, but when 

eels reach body lengths of >300–400 mm, they begin regularly feeding on fish and crustaceans 

(Ogden, 1970; Michel and Oberdorff, 1995). Bile acids play an important role in digesting 

higher-lipid prey items such as fish. Recent studies have shown that American eel bile acid 

concentrations vary across life stages and suggest that bile acid production may relate to size, 
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age, sex, or sexual maturity (Huertas et al., 2008; Schmucker et al., 2020). Bile acids have also 

been suggested to play a role in chemical communication in eel reproduction (Huertas et al., 

2008). Perhaps reaching a threshold body size triggers an increase in bile acid production. Or, 

after reaching a certain body size, eels seek out environments that contain more fish (or prey at 

higher trophic levels) to meet their growth needs, which causes increased bile acid production 

and triggers the release of reproductive hormones for sexual maturation.  

Sexual maturation and migration 

High growth rates resulting in early sexual maturation and migration to spawning grounds 

could explain why some stocked eels shifted between creek and river environments. Jessop et 

al. (2010) found that when annual growth rate increased from 46.2 to 85.9 mm/year in female 

American eels, the mean age at migration decreased from 22.6 to 5.8 years. When annual 

growth rate increased from 19.1 to 52.1 mm/year in males, mean age at migration decreased 

from 15.4 to 5.3 years. Stocked eels in this study had an average growth rate of 110 mm/year, 

which was much higher than the typical range of 29 to 83 mm/year recorded in naturally-

recruited North American eels (summarized in Verreault et al., 2009). Stocked eels attain these 

higher growth rates because their upstream migration up the St. Lawrence River is 

circumvented, which allows them to redirect the energy usually spent on swimming into 

growth. American eels in the St. Lawrence River system usually spend around two decades 

maturing in fresh water to sizes of 745 to 1200 mm before migrating back to spawning grounds 

(Jessop et al., 2010). Yet, early studies of this stocking program recorded stocked female silver 

eels out-migrating at the St. Lawrence Estuary as early as 4 years after being stocked and at 



 

 

 

 

166 

lengths of 531 to 771 mm (Verreault et al., 2010; Stacey et al., 2014). Although we performed 

visual inspections of gonad tissue (when present) during necropsy, many of the smaller eels 

were too undeveloped to differentiate, and detailed observations on sex and gonad 

development would have required histological examinations that were beyond the scope of this 

study. However, the high overall growth rates observed in this study suggested that these 

stocked eels would also approach sexual maturation at a faster-than-normal rate. In addition, 

stocked eels living in the St. Lawrence River had higher somatic growth rates than eels living in 

Jones Creek (118 ± 28 and 99 ± 28 mm/year, respectively). So, either the river environment 

produced faster-growing eels, or eels moved into the river because they were faster-growing.   

Temperature and growth differences in creek and river 

Eels living in the St. Lawrence River experienced lower water temperatures and fewer 

degree days but grew to a larger size-at-age than eels living inside Jones Creek (Figure 5.8 and 

Table 5.4), suggesting temperature was not a main factor for driving growth. The higher 

temperatures in Jones Creek did not provide the increased somatic growth predicted by the 

temperature-growth curves developed in Chapter 2 (Table 5.4). Even when eels from both 

locations were exposed to a similar number of growing degree-days, eels living in the St. 

Lawrence River were typically larger. Possibly temperature becomes less important when fish 

are living in environments that are well below their optimum temperature for somatic growth 

(28oC, Chapter 2). At lower temperatures, other factors, such as diet and prey availability, may 

provide fish with greater growth benefits than temperature.  
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Conclusions 

This study showed that otoliths can reflect the difference between 1ɻ3C and ɻ18O of the 

St. Lawrence River versus small upstream tributaries. Systematic sampling of tributaries along a 

geographic gradient from the source of the St. Lawrence River to where it becomes an estuary 

could match wild eels to specific tributaries. In a system where animals can freely migrate 

between habitats, it is necessary to use the carbon isotope compositions of otoliths to indicate 

where fish have been living, rather than capture location. The carbon isotope compositions 

revealed that over half of the eels in this study underwent some degree of relocation between 

a river and creek environment. Although there was high variance in habitat use patterns among 

individuals, we identified an ontogenetic shift in habitat use at a body length of ~300–400 that 

was consistent with other anguillid species. By providing individual habitat use information, the 

differences in carbon isotope compositions could be used to improve estimates of water 

temperature based on the oxygen isotope fractionation between otolith carbonate and 

dominant habitat water.   
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Table 5.1. Description of water samples collected for measurement of 1ɻ8O. Water sample 
location numbers correspond to locations indicated in Figure 5.1. Locations 1 to 5 were used to 
calculate an average ɻ18O of the water inside Jones Creek, locations 5 to 8 were considered the 
area where the creek meets the river, and locations 9 and 10 were considered part of the main 
channel of the St. Lawrence River.  

 

Water sample 
location 

Water ɻ 18O 
‰ VSMOW 

 
Date Season 

Creek 1 –10.4 20101031 Fall 

 1 –7.8 20111017 Fall 

 1 –9.1 20130515 Spring 

 1 –8.2 20130723 Summer 

     

 2 –8.5 20130515 Spring 

 2 –8.0 20130723 Summer 

     

 3 –7.8 20110624 Spring 

 3 –8.5 20130515 Spring 

 3 –8.0 20130723 Summer 

     

 4 –8.6 20130515 Spring 

 4 –8.1 20130723 Summer 

     

 5 –8.4 20130515 Spring 

 5 –8.1 20130723 Summer 

     
River, 6 –7.8 20130515 Spring 

outside 6 –7.4 20130723 Summer 

creek     

 7 –7.2 20110624 Spring 

 7 –7.7 20130515 Spring 

 7 –7.3 20130723 Summer 

     

 8 –6.7 20110919 Fall 

 8 –6.7 20111018 Fall 

     
River,  9 –6.7 20101031 Fall 

main     
channel 10 –7.8 20130515 Spring 

 10 –7.2 20130723 Sumer 
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Table 5.2. Classification success of a discriminant function analysis of ɻ18O and ɻ 13C of eel otoliths from 19 locations in the upper St. 
Lawrence River. Capture location is the place where eels were collected using an electrofishing boat. Region represents six groupings 
of capture locations based on geochemical similarities. The number of eels predicted to each region are listed by capture location. 
Classification success is the percentage of eels from each capture location that were correctly classified to their true capture location 
or biogeochemical region. Numbers highlighted in bold font indicate the region that each capture location falls within. 

 Number of eels predicted to each biogeochemical region  Classification Success, % 

Capture 
location 

Creek, 
inland 

Creek, 
mouth 

River, 
outside 
creek 

River, 
bay 

River, 
nearshore 
mainland 

River, 
nearshore 

island 

 Capture 
location 

Biogeochemical 
region 

1 13 3 0 0 0 0  81 81 
2 86 109 10 10 0 1  47 51 
3 1 1 1 0 0 3  17 17 
4 0 0 0 1 0 0  100 0 
5 0 1 2 0 0 11  0 14 
6 0 0 2 1 0 0  33 67 
7 0 0 7 24 8 5  11 55 
8 0 0 0 4 20 5  52 69 
9 0 0 0 0 0 2  0 100 
10 0 0 3 1 1 11  19 69 
11 0 0 3 2 0 4  11 44 
12 0 0 2 1 1 1  0 20 
13 0 0 1 3 0 8  17 67 
14 0 0 0 0 0 4  50 100 
15 0 0 0 0 1 5  17 83 
16 0 0 2 2 3 5  0 42 
17 0 0 3 4 1 18  8 75 
18 0 1 1 0 9 13  33 54 
19 0 0 0 2 2 7  9 64 
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Table 5.3. Comparison of otolith geothermometer predictive error using three methods for classifying eels into habitat locations 

Approach Variables used to 
classify 

Percentage of eels that predict 
temperature within –4 to 4oC 

Percentage of eels that predict 
temperature within –2 to 2oC 

Mean otolith 
1ɻ8O temperature 

Mean habitat 
temperature 

P-value 

All eels in study, n = 454      

1 Capture location 93% 65% 18.6 ± 2.29 18.7 ± 0.98 0.00 

2 1ɻ3C cluster 97% 67% 19.0 ± 1.91 18.6 ± 1.00 0.00 

3 Proportional habitat 
use indicated by ɻ 13C 

96% 66% 18.9 ± 2.08 18.5 ± 0.94 0.00 

Eels that were reclassified to a new habitat, n = 60     

1 Capture Location 67% 37% 16.8 ± 3.53 18.7 ± 0.64 0.00 

2 1ɻ3C cluster 93% 47% 20.0 ± 1.67 18.0 ± 0.48 0.00 

3 Proportional habitat 
use indicated by ɻ 13C   

95% 67% 19.1 ± 1.66 18.1 ± 0.53 0.00 

9Ŝƭǎ ǘƘŀǘ ƘŀŘ ƛƴǘŜǊƳŜŘƛŀǘŜ ʵ13C, n = 29     

1 Capture Location 69% 10% 16.4 ± 2.72   19.0 ± 0.71 0.00 

2 1ɻ3C cluster 90% 38% 20.4 ± 1.78 18.2 ± 0.21 0.00 

3 Proportional habitat 
use indicated by ɻ 13C   

97% 79% 18.5 ± 1.55 18.5 ± 0.26 0.90 



 

 

 

 

171 

Table 5.4. Comparison of final body size (mm) and growing degree-day (oC·day) by age between eels living in Jones Creek and the St. 
Lawrence River. The difference predicted by the temperature-growth relationship in Chapter 2 was calculated based on an initial 
stocking size of 60.8 mm and the predicted specific growth rate in body length (% change/d) at the otolith-inferred temperature for 
the number of days above 10oC between stocking and capture. 

Age 
(years) 

GDD (oC·day) GDD difference 
(creek – river) 

Body length 
(mm) 

Length difference 
(creek – river) 

Difference (mm) predicted 
by temp-growth 

relationship in Chapter 2 
(creek – river) 

Creek River Creek River 

1 1387 1221 +166 129 177 –48 +1 

2 3418 2789 +629 222 252 –30 +13 

3 5185 4623 +562 277 336 –59 +20 

4 6642 6529 +113 321 459 –138 +4 

5 8028 7535 +493 392 577 –185 +44 

6 7432 8861 –1429 578 691 –113 –47 

7 10795 – – 429 – – – 
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Figure 5.1. Capture locations in the upper St Lawrence River and Jones Creek tributary where 
stocked eels were collected by boat electrofishing of shoreline transects. Eels were collected 
from 2008 to 2013. Map 1A shows the entire study site. Map 1B shows locations inside the 
mouth of Jones Creek and the area just outside of the mouth, where the creek meets the St. 
Lawrence River. Capture locations of eels are indicated with black circles, locations of 
temperature loggers are indicated with red diamonds, and water sample locations are indicated 
with blue triangles.                



 

 

 

 

173 

 

Figure 5.2. Mean daily surface water temperature profile of (A) Jones Creek, (B) St. Lawrence 
River main channel, and (C) St. Lawrence River outside the mouth of Jones Creek, 2006 to 2013. 
The dashed line indicates the temperature of commencement and cessation of otolith growth 
during the eel growing season (10oC). 
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Figure 5.3. (A) ɻ 18O and (B) ɻ13C of otoliths of eels captured from 19 locations in the upper St. 
Lawrence River, indicated in Figure 1. Locations are numbered by increasing geographical 
distance from the mouth of Jones Creek, a major stocking site of American eels. The number of 
eels in each boxplot is indicated in italic text above the x-axis. Median values are plotted as 
horizontal lines within boxes. Boxes encompass the 25th and 75th quartiles. Vertical lines with 
ticks indicate the 10th and 90th percentiles. Closed circles indicate outliers. 
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Figure 5.4. 1ɻ8O (A) and ɻ13C (B) of eel otoliths grouped by capture location into six nearshore 
habitat regions, based on biogeochemical gradients in the St. Lawrence River. The number of 
eels in each boxplot is indicated in italic text above the x-axis. Capture location (1 to 19) is 
indicated below the x-axis label.
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Figure 5.5. 1ɻ8O (A) and ɻ 13C (B) of otoliths of eels captured in Jones Creek (locations 1 and 2) 
and in the St Lawrence River (locations 3 to 19). The number of eels in each group is indicated 
in italic text above the x-axis. 
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Figure 5.6. 1ɻ8O versus ɻ13C of otoliths of eels captured inside Jones Creek (closed circles) and in 
the St. Lawrence River (open circles).  
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Figure 5.7. Final body length (mm) of eels amalgamated by age (years). Within each age, eels 
are separated into those captured inside Jones Creek and those captured in the St. Lawrence 
River.   



 

 

 

 

179 

 

Figure 5.8. Final body length (mm) as a function of growing degree-day (oC·day) calculated using 
HOBO temperature loggers (A) and 1ɻ8O of otoliths (B). Closed circles indicate eels that lived in 
Jones Creek and open circles indicate eels that lived in St. Lawrence River based on capture 
location in panel A and based on stable isotope compositions of otoliths in panel B.  
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Figure 5.9. Frequency of occurrence of prey items found in stomachs of eels captured in the St 
Lawrence River (grey bars) and inside Jones Creek (black bars). All prey items are grouped by 
order, except for Gastropoda which could only be identified down to class.  
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Figure 5.10. 1ɻ3C of otoliths versus prey item order found in stomachs of eels captured in Jones 
Creek (closed circles) and the St Lawrence River (open circles). All prey items are grouped by 
order, except for Gastropoda which could only be identified down to class.
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Figure 5.11. 1ɻ8O versus ɻ13C of otoliths of eels color-coded by habitat location that was 
assigned based on (A) capture location, (B) clusters formed using ɻ 13C of otoliths
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Figure 5.12. Proportional habitat use indicated by ɻ13C of otoliths. Each bar represents one eel. The amount of each color 
corresponds to the proportion of the ɻ13C that reflects use of Jones Creek (dark pink) and the St. Lawrence River (light pink). Eels are 
arranged by age on the x-axis.  
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Figure 5.13. Distribution of otolith geothermometer predictive error for all eels in study 
(difference between otolith-predicted temperature and temperature loggers placed in habitat): 
(A) eels are assigned a mean 1ɻ8O of the water and lifetime habitat temperature based on 3 
general capture locations (method 1); (B) eels are assigned a mean 1ɻ8O of the water and 
lifetime habitat temperature based on classification into three general locations indicated by 

1ɻ3C of otoliths (method 2), and (C) ɻ18O of the water and lifetime habitat temperature are 
estimated individually using ɻ13C of otoliths to determine proportional use of creek and river 
habitats (method 3).   
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Figure 5.14. Distribution of otolith geothermometer predictive error for eels that were 
reclassified to a different habitat than their capture location through clustering of otolith 1ɻ3C: 
(A) eels are assigned a mean 1ɻ8O of the water and lifetime habitat temperature based on 3 
general capture locations (method 1); (B) eels are assigned a mean 1ɻ8O of the water and 
lifetime habitat temperature based on classification into three general locations indicated by 

1ɻ3C of otoliths (method 2), and (C) the ɻ18O of the water and lifetime habitat temperature are 
estimated individually using ɻ13C of otoliths to determine proportional use of creek and river 
habitats (method 3). 
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Figure 5.15. Distribution of otolith geothermometer predictive error for eel otoliths that had 
“intermediate” 1ɻ3C to the creek and river, as determined through clustering of otolith 1ɻ3C: (A), 
eels are assigned a mean 1ɻ8O of the water and lifetime habitat temperature based on 3 
general capture locations (method 1); (B) eels are assigned a mean 1ɻ8O of the water and 
lifetime habitat temperature based on classification into three general locations indicated by 

1ɻ3C of otoliths (method 2), and (C) the ɻ18O of the water and lifetime habitat temperature are 
estimated individually using ɻ13C of otoliths to determine proportional use of creek and river 
habitats (method 3). 
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Figure 5.16. Age, body length, and year class of the total population (panels A, C, and E) 
compared to eels that were reclassified to a different habitat than their capture location 
through clustering of otolith ɻ13C (panels B, D, F). The 60 eels that were reclassified likely 
experienced a significant change in habitat use during their lifetime.   
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Chapter 6 

General Discussion 

Recommendations for fish otolith geothermometers 

The oxygen isotope geothermometer developed in this thesis for American eel otoliths 

accurately estimated lifetime ambient water temperature when tested on eels living in 

laboratory conditions (predictive error 0.5oC, Chapter 2) and in the natural environment (within 

0.4oC of habitat, Chapter 5). When oxygen isotope geothermometers developed other fish 

species (Patterson et al., 1993; Thorrold et al., 1997; Høie et al., 2004; Storm-Suke et al., 2007; 

Geffen, 2012) were applied to eel otoliths, temperature estimates arbitrarily varied among 

equations, and predictive error was higher, confirming that a species-specific geothermometer 

produced the most accurate temperature estimates for eels. The eel-specific oxygen isotope 

geothermometer developed and validated in this thesis will undoubtedly enhance future eel 

studies. However, it is impractical to develop a geothermometer for every single fish species as 

they are exceptionally resource and time-consuming to create. Development of the eel 

geothermometer required eight months of rearing eels at controlled temperatures and then 

several additional months to measure the isotopic compositions of the otoliths. Rather than 

investing time developing specific geothermometers for every species, an important direction 

for future work is to focus on understanding what factors cause differences among species-

specific oxygen isotope geothermometers.  

My thesis begins to address the factors contributing to differences in geothermometers 

among species. The findings of chapter 4 suggest that these differences are not caused by 
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variation in metabolic rate. I found that metabolic rate only had an effect on 1ɻ8O of otoliths 

when oxygen consumption rates were extremely high. In this case, this effect was only 

observed on eels that were swimming at speeds that exceeded their critical swimming speed 

(Ucrit) for prolonged periods of time, which may have exceeded their aerobic metabolic 

maximum. This prolonged high level of activity is rare, although possible, in the natural 

environment. Ultimately, it is unlikely that the individual fish used to build the various 

geothermometers for each species experienced high enough levels of oxygen consumption to 

influence ɻ 18O of their otoliths and impact the species’ oxygen isotope geothermometer.  

Inclusions of vaterite, which is a different CaCO3
- polymorph in typically aragonite 

otoliths, may provide a more feasible explanation for why geothermometers differ among 

species (Chapter 2). Although the occurrence of vaterite in otoliths has been well-documented 

in several fish species (Gauldie, 1986; Sweeting et al., 2004; Tzeng et al., 2007; Jessop et al., 

2008) the influence of vaterite inclusions on the isotopic composition of otoliths has not yet 

been studied. Inorganically-precipitated vaterite, however, is depleted of 18O relative to 

aragonite precipitated under the same conditions (Kim et al., 2007; Kluge and John, 2015). As 

such, future work should focus on understanding how the ɻ 18O fractionation associated with 

vaterite might influence the overall isotopic composition of a fish otolith. This would require 

extensive XRD analysis of otoliths to seek out those with large vaterite inclusions. Large 

numbers of otoliths containing vaterite could be generated through a laboratory experiment 

that rears a species known to have a high prevalence of vaterite inclusions in parallel with a 

species with a low prevalence of vaterite across a broad range of temperatures. 
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Metabolic rate and its (lack of) influence on isotopes 

Arguably, the most novel contribution of this thesis was my finding of no relationship 

between metabolic rate and ɻ13C of otoliths. Forced swimming across a range of speeds 

induced a total range of metabolic rate as a function of oxygen consumption (MO2) of 360.24 

mgO2/kg/h (i.e., a 2.6-fold difference). A larger range of MO2 could have been generated if 

temperature had been used to manipulate metabolic rate. For example, the rate of many 

physiological processes typically doubles or triples in response to a 10oC change in temperature 

(Q10). However, using exercise to induce different metabolic rates allowed for the relationship 

between metabolic rate and ɻ13C to be isolated without any potential confounding effects of 

temperature. Separating the effect of metabolic rate from the effect of temperature is 

exceedingly difficult because they are intricately intertwined. In chapter 4, I suggest that 

temperature may alternatively explain the apparent connection between metabolic rate and 

1ɻ3C of otoliths, though the physiological mechanism that I propose is largely speculative. 

Further work is needed to understand the mechanical underpinnings of how carbon isotopes 

are influenced by temperature in biogenic carbonate (fish otoliths), but not in inorganic 

carbonate. While I did not measure the MO2 of eels in the controlled temperature experiment 

(Chapter 2), anecdotal evidence from that experiment suggests that the 24oC temperature 

range produced a larger range in 1ɻ3C of otoliths than the ɻ 13C difference of eels with the 

lowest and highest MO2 in chapter 4 (–11.3‰ to –6.3‰ and –9.4‰ to –8.9‰, respectively). 

These findings serve as an important first step in shifting a paradigm that has cast uncertainty 

on interpretations of ɻ 13C of otoliths for decades, but it requires more experimental work to 
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validate. If metabolic rate could be ruled out, it would simplify interpretations of ɻ 13C to two 

main external variables: diet and dissolved inorganic carbon (DIC) (Chapter 3). Future work 

should focus on verifying the absence of a relationship between MO2 and ɻ 13C of otoliths across 

species by examining metabolic rate in such a way that does not involve manipulating 

temperature, such as different levels of exercise, or by comparisons among species with 

different basal metabolic rates.  

Contributions to methods for small otoliths 

Otolith size is a major limitation for isotope ratio mass spectrometry methods. Otolith 

size and morphology differ considerably among fish species; 14.5% of species have very small 

otoliths (otolith length 0.01–0.99% of body length) and 36.3% have small otoliths (1–2.99% of 

body length) (Paxton, 2000), but in many cases only medium, large, and very large otoliths (3–

12% of body length) consistently meet minimum sample size requirements. Freshwater eel 

species fall into the very small and small otolith categories. In my laboratory experiments on an 

early eel life stage, the smallest otolith weighed 0.0087 mg and the largest weighed 0.7636 mg. 

For eels captured in the St. Lawrence River, otolith weight ranged from 0.1286 mg to 4.1502 mg 

(mean, 1.0868 mg).   

Pooling both otoliths from a single fish doubles the sample weight, but commonly it is 

still not enough to produce an adequate amount of CO2 gas for an isotope ratio mass 

spectrometer (IRMS). Otoliths of multiple fish can also be pooled for analysis, but then 

individual resolution is lost. In chapter 2 of my thesis, I used a method for analyzing otoliths 

that weigh less than 0.05 mg in which a cryo trap is used to freeze and concentrate the CO2 gas 
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released from otoliths as one large “pulse” before it is transferred to the IRMS. This method 

reduces the minimum otolith size that can be analyzed, and has important implications for 

species with very small otoliths, or for analyzing early larval stages.  

Applying laboratory findings in the natural environment 

The government eel stocking program inadvertently created a rare eel study system by 

placing an otherwise elusive migratory life stage within a single measurable environment. Even 

though these stocked eels were wild-sourced, otolith proportional weighting methods 

developed in chapter 2 provided a way to remove their previous marine history prior to 

stocking, allowing a unique opportunity to isolate and study only the otolith growth resulting 

from the stocking environment. The oxygen isotope geothermometer developed in the 

laboratory worked well when applied to otoliths of eels living in the natural environment, with 

ambient temperature estimated within 0.4oC of temperature loggers placed in the St. Lawrence 

River. Since I ruled out the influence of metabolic rate on ɻ13C of otoliths in chapter 4, ɻ13C 

interpretations could be confined to diet and DIC. For this population of eels living in this 

particular section of the St. Lawrence River, I assumed that individuals were living and feeding 

within the same environment; as such, ɻ13C could be used as an environmental tracer. For a 

migrating eel, however, this assumption becomes more complicated and would require 

knowledge of the ɻ 13C of DIC along the entire length of the St. Lawrence River, either through 

systematic water sampling or from existing online databases (e.g., Global Network of Isotopes 

in Rivers, International Atomic Energy Agency). In the context of my field study, which occurred 

in an exclusively freshwater environment, variation in 1ɻ3C of DIC was large enough to serve as 
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an environmental tracer. Consequently, inferences of habitat use provided by stable carbon 

isotopes improved the temperature reconstructions made from oxygen isotopes by providing 

better individual estimates of ɻ18O of the water where each eel was living.  

The key ecological findings inferred through the stable isotope data were as follows. 

Eels at the northern extremity of the species range are living at an average temperature of 19oC 

(Chapter 5), which is well below their optimum for somatic growth of 28oC (Chapter 2). 

Therefore, the direct temperature-growth effects of climate change do not appear to be a 

factor involved in their decline. River temperature could, in theory, increase to 31oC before eel 

growth is negatively impacted, and to 34–37oC before survival is impacted (if only the direct 

effects of temperature are considered). Moreover, stable carbon and oxygen isotopes of 

otoliths very clearly separated eels into those living in a creek versus a river environment 

(Chapter 5). Eels living in the creek environment were slower-growing than eels living in the 

river environment, which may have been related to differences in prey types within each 

environment. Furthermore, the results of chapter 5 showed that eels stayed within a single 

environment after stocking, particularly during the first year. If they changed environments, it 

was mainly after they reached a threshold age of 3–4 years or a body length of 300–400 mm. 

These mid-life changes in environment could only be inferred using isotopic measurements, 

revealing that capture location alone is likely to be a poor indicator of where a fish has lived.   

Are stable carbon and oxygen isotopes of otoliths a good tool for 

understanding the eel decline? 

The work presented in this thesis describes and validates a unique set of tools for 

isolating and interpreting the enormous amount of information contained within fish otoliths, 
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and has important implications for gaining insight into the reasons behind wild eel population 

declines. In addition to the inferences provided by the isotopic results discussed in this thesis, 

otoliths also contain the age, growth history, and year class of each fish. The American eel 

consists of one genetic reproductive population (panmixia), so a decline in one part of the 

species range indicates a decline for the entire species. Currently, recruitment declines are 

most apparent and severe at the extremities of the range, such as in the St. Lawrence River and 

Great Lakes region. Accordingly, eels from this region are key to understanding the species’ 

decline. Long-term routine collection of eel otoliths, such as from the eel ladder at the Moses-

Saunders Hydroelectric dam in Cornwall, Ontario, provide a historical archive of eel otoliths 

spanning from before the species’ decline to present day. Stable carbon and oxygen isotope 

compositions sealed within these archived otoliths contain individual records of lifetime 

ambient water temperature (within 0.4oC), location and type of habitat used, and indicators of 

food web access (base ɻ 13C) within the St. Lawrence River.  

The toolbox developed here will enhance ongoing research into understanding the 

ecological history of eels from archived samples and elucidating the factors contributing to their 

decline. These factors include barriers to upstream migration, habitat loss, climate and oceanic 

change, loss of preferred prey, contaminants, and infection with a swim bladder parasite 

(Castonguay et al., 1994a; Casselman, 2003; Knights, 2003; MacGregor et al., 2008). As an 

environmental tracer, temporal records of ɻ13C of otoliths could reveal if barriers to upstream 

migration have caused eels to stop using habitat in the upper reaches of the St. Lawrence River, 

above dams. Similarly, records of ɻ13C of otoliths could be used to examine habitat loss by 
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comparing historical habitat use to present-day. Temporal differences in ɻ 13C of otoliths would 

indicate a shift to a different habitat with a different ɻ13C of DIC. Climate and ocean change 

could be examined using ɻ 18O of otoliths to determine the precise ambient temperatures 

experienced by eels over time. Loss of preferred prey could also be reflected in 1ɻ3C of otoliths, 

especially if eels seek out new habitats to access different food webs. Contaminants could be 

examined in otoliths using trace elements, rather than isotopes. Swim bladder parasites impede 

an eel’s swimming efficiently during migration, such that ɻ18O and ɻ 13C isotopes could reflect, 

for example, greater time spent in estuaries, or a slower migration involving prolonged habitat 

use along the length of the river. Overall, this thesis presents a significant contribution in 

understanding American eel ecology by refining the use of ɻ13C and ɻ18O of otoliths and 

providing insight into the interactions between stocked eels and their environment. The rest of 

the eel story awaits within the otoliths of wild eels.   
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Appendices 

Appendix A 

 

Appendix A. Ingredients and composition of Otohime larval fish food.   
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Appendix B 

 

Appendix B. Weight frequency of eels after 32 weeks of rearing at controlled temperatures. 

Each temperature treatment contains 30 eels, except for the 34oC treatment which contains 17 

eels.   
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Appendix C 

 

Appendix C. Length frequency of eels after 32 weeks of rearing at controlled temperatures. 

Each temperature treatment contains 30 eels, except for the 34oC treatment which contains 17 

eels.   
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Appendix D 

 

Appendix D. Relationship of otolith and body weight at the end of the 32 week experiment. 

Data are combined across temperature treatments. Dashed lines represent the 95% confidence 

interval of the linear regression.   
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Appendix E 

 

Appendix E. Relationship between otolith specific growth rate by weight and body specific 

growth rate by weight according to water temperature. Eels were reared at controlled 

temperatures for 32 weeks. Each temperature treatments contains 30 eels, except for the 

34oC treatment which contains 17 eels.   
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Appendix F 

 

Appendix F. Relationship between ɻ13C and ɻ 18O measured in American eel otoliths grown for 
32 weeks in controlled temperature conditions. Data are combined across experiment 
treatments, which ranged in temperature from 10 to 34oC. Dashed lines represent the 95% 
confidence interval of the linear regression. 
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APPENDIX G 
 

 
 
Appendix G. Setup of swimming tank used in chapter 4. 

 


